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ABSTRACT 

 

 

Oleaginous microalgae are deemed as cell bio-factories for biodiesel 

production. However, the lower biomass and lipid productivity, along with the high 

cost of downstream processing such as harvesting, lipid extraction and conversion to 

biodiesel makes microalgae-based biodiesel production system economically 

unviable. To address this challenge, the present study aims to develop a sustainable 

biodiesel production system by employing various strategies such as selection of 

potential microalgal strain, modification of cultivation mode, optimization of culture 

conditions, development of low-cost harvesting and lipid to biodiesel conversion 

techniques. In the present study, a novel microalgae, Tetradesmus obliquus KMC24 

was isolated and exposed to nutrient stress (nitrogen and/or phosphorus) for a short 

period via two-stage cultivation to obtain maximum biomass and lipid. The effect of 

nutrient starvation on the morphology, biomass concentration, photosynthetic 

activity, and biochemical composition of Tetradesmus obliquus KMC24 was 

investigated. Two days nitrogen-starved cells (-N2) were able to accumulate the 

maximum amount of lipid (39.93 ± 0.44%) without affecting the biomass 

concentration (2.15 ± 0.04 g L-1). During nitrogen (-N) and phosphorus (-P) 

starvation, photosynthetically fixed carbon pool was diverted to lipid biosynthesis. 
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Pearson's correlation analysis suggested that stress-induced lipid accumulation is 

associated with an increased intracellular reactive oxygen species (ROS) level. The 

ROS fluorescence intensity was highest in –N2 cultures (17051.49 ± 93.15 a.u.), 

suggesting highly oxidative stress-tolerant cells. A high degree of fatty acid saturation 

was obtained under nitrogen starvation as compared to other culture conditions. 

Biodiesel properties such as cetane number, saponification number, and iodine value 

were improved under nitrogen starvation. 

High-energy requirement for harvesting microalgal biomass poses a major 

challenge during downstream processing. Addressing this challenge, the present 

study developed a sustainable and efficient harvesting technique by valorizing waste 

eggshell. Herein, waste eggshell-derived bioflocculant was used for harvesting T. 

obliquus in a circular bioeconomy approach. It was found that 120 mg 

L−1 bioflocculant can flocculate 98.62 ± 0.43% of T. obliquus cells within 25 min at 

optimal pH 4.0 and temperature 35 °C. The influence of bioflocculant concentration, 

pH and temperature on zeta potential was evaluated to understand the flocculation 

mechanism. Microscopic and FESEM-EDX images were analyzed to evaluate the 

microalgal structural changes. Adsorption mechanism of bioflocculant over the 

microalgal cells was determined by performing adsorption kinetic studies. Pseudo-

second order kinetic model was a suitable fit for the data obtained from the 

experiments, which indicated chemisorption as the probable mechanism. The spent 

medium recovered after harvesting process was successfully recycled for subsequent 

cultivation of T. obliquus KMC24, thus reducing the dependency on fresh medium. 

The FAME composition of the biomass treated with bioflocculant was not altered. 

The last study was focused on developing and characterizing low-cost and 

eco-friendly catalyst for microalgal lipid transesterification to biodiesel. Herein, a 

novel carbon-based solid acid catalyst was synthesized by carbonization of de-oiled 

microalgal biomass followed by sulfonation. The effect of catalyst synthesis 

conditions such as carbonization temperature, sulfonation time, and 

H2SO4 concentration on the surface acidity of the catalyst and free fatty acid 

conversion was determined. The de-oiled microalgal biomass-based (DMB) solid 

acid catalyst was predominantly composed of carboxylic, phenolic, and sulfonic 
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groups as indicated by the FTIR analysis and supported by the XPS analysis. The 

catalyst was further characterized by various methods to determine its physiochemical 

properties. A maximum fatty acid methyl ester (FAME) yield of 94.23% for 

microalgal oil (AO) and 96.25% for waste cooking oil (WCO) was obtained under 

optimized transesterification conditions. The catalyst exhibited high catalytic activity 

(FAME yield >90%) until the fourth cycle. Most of the biodiesel properties were 

within the permissible limit of EN 14,212 and ASTM D6751 standards. 

Keywords: Microalgae; Biodiesel; Biorefinery; Circular Bioeconomy; Catalyst 
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Chapter 1 

 

1 Introduction 

1.1 Current World Energy Scenario 

An upsurge in global energy demand is directly reflected in the ever increasing 

cost of fuels [1]. Moreover, this energy demand must be satiated for technological 

developments. At present, more than 80% of the global energy needs are met by the 

combustion of fossil fuels, i.e., oil, natural gas, and coal (Figure 1.1). The industrial and 

transportation sector consumes more than half of the global energy, whereas the rest is 

being consumed by residential buildings (21%), non-energy use (9%), commercial and 

public services (8%), agriculture (2%) and non-specified sectors (2%) (Figure 1.1). The 

increased use of fossil fuels has further resulted in about 35 Gt global carbon dioxide 

(CO2) emission, which has grown at a rate of 2% (British Petroleum (BP) Statistical 

Review of World Energy 2019). According to the Organisation for Economic Co-

operation and Development (OECD) Environmental Outlook to 2050, global greenhouse 

gas (GHG) emissions are projected to increase by 50%, primarily due to 70% growth in 

energy-related CO2 emissions. 

According to Energy Statistics India 2021, coal and oil are India’s primary energy 

sources, accounting for 64.20% and 27.99% of total energy supply in 2019-20 

(provisional), respectively. Coal production in India was recorded to be 730.87 million 

tonnes (MT) during 2019-20 (provisional), compared to 728.72 MT during 2018-19, 

growing at the rate of 0.30%. Similarly, crude oil production was 32.17 MT during 2019-

20 (provisional), compared to 34.2 MT in the previous year, which is a fall of 5.95% 

(Energy Statistics India 2021). In 2019-20 (provisional), final Energy Consumption was 

5,87,371 KToe. The industrial sector was the country's largest energy consumer, 

accounting for more than half of the total final energy consumption, i.e., 55.85%. India 

being a developing country with more than 1.3 billion population, the consumption of 

coal and oil in 2017-18 has increased at a Compound Annual Growth Rate (CAGR) of 
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5.01% (896.34 MT) and 4.59% (251.93 MMT), respectively. Besides, India 

imported 208.27 MT of coal and 220.43 MTs of crude oil (2017-18) due to a significant 

depletion of fossil fuel reserves and high ash content in Indian coal. As conventional 

energy resources cause global warming and are on the verge of extinction, therefore the 

global energy consumption pattern needs to shift towards renewable energy resources to 

resolve this energy crisis [2]. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 1.1. Energy scenario in the world by (A) sector and (B) source in 2018 (data 

source: International Energy agency, 2021). 
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1.2 Renewable Energy 

Sustainable development of the nation necessitates secure access to affordable, 

reliable, sustainable, and modern energy services while reducing GHG emissions as well 

as the carbon footprint of the energy sector. Renewable energy is derived from natural 

resources that are constantly replenished, such as sunlight, wind, hydropower, 

geothermal, ocean, and biomass [3]. Harvesting energy from renewable resources 

generates almost zero pollutants and GHG. According to International Renewable Energy 

Agency (IRENA), in 2020, renewable energy generating capacity increased significantly, 

outpacing the long-term trend. At the end of 2020, global renewable energy generation 

capacity increased by 260 GW, amounting to 2799 GW. Solar and wind energy jointly 

accounted for 91% of all net renewable additions in 2020. The growth in renewable 

energy is dominated by countries like China and the United States of America (IRENA 

2020). China and the United States of America added 136 GW and 29 GW of renewable 

energy, respectively, in 2020.  

According to the Ministry of New and Renewable Energy (MNRE), India has set a target 

of installing 175 GW of renewable energy by 2022, with 100 GW from solar (Rooftop 

and utility solar), 60 GW from wind, and 15 GW from remaining renewable energy 

sources. India has already achieved to install 92.55 GW of renewable energy in January 

2021, with wind and hydropower dominating. The goal of the National Energy Policy in 

2017 was to cut oil imports by 10% by 2022 compared to the baseline 2014–2015 while 

reducing emissions by 33%–35% by 2030 compared to the baseline 2005. Currently, 

biomass-derived transportation fuel meets around 8%–15% of global energy demand [4]. 

The International Energy Agency (IEA) has set a goal for biofuels to meet more than a 

quarter of the world's transportation fuel demand by 2050 to reduce our dependence on 

petroleum and coal. In India, diesel is predominantly used for transportation and industrial 

applications as compared to gasoline. Hence, to reduce the dominating consumption of 

diesel, biomass derived biodiesel has emerged as a remarkable fuel. 

1.3 Biodiesel 

Rudolf Diesel first used vegetable oil as engine fuel in 1900 [5]. It, however, 

triggered the problems of cold-weather starting, injector coking, gumming of injectors, 
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lines, and filters, engine knocking, etc., due to its high viscosity and low volatility. 

Transesterification of vegetable oil with alcohol has emerged as a promising process for 

overcoming these problems. This process produces fatty acid alkyl esters with glycerol 

as a co-product. These alkyl esters display diesel-like fuel properties, commonly known 

as biodiesel. Biodiesel, also known as “green diesel”, further reduces the emission of CO, 

CH4, and particulate matter compared to diesel [6]. The methyl and ethyl esters of fatty 

acids are quite commonly known as biodiesel. The ethyl ester has a lower cloud/pour 

point, higher oxidative stability, better lubricity, and higher cetane number compared to 

methyl ester. However, methanol is cheaper than ethanol and can be easily separated from 

the reaction mixture. Methanol is thus widely used in this process. 

Biodiesel is the only alternative biofuel that can be used alone or blended with 

petroleum diesel in different concentrations for a conventional engine without any further 

modification [7]. The B20 blend comprising of biodiesel and petroleum diesel in the ratio 

of 20:80 is widely used around the world. The B20 blend is implemented in nearly all 

diesel-fueled equipment as it represents a good balance of cost, emissions, cold-weather 

performance, and materials compatibility [8]. Biodiesel quality specifications are 

dynamic, and so they are periodically reviewed by organizations such as the European 

Committee of Standardization, the International Organization for the Standardization 

(ISO), and the American Society for Testing and Materials (ASTM). 

Owing to its numerous advantages, the global consumption of biodiesel had 

increased from 0.25 billion gallons in 2006 to ∼2.0 billion gallons in 2018, and the trend 

has been projected to be linear in the future years [9]. India produced 190 million litres 

of biodiesel in the year 2019, with installed production capacity varying between 11 

million litres to 280 million litres [10]. According to U.S. Energy Information 

Administration, in 2019, the United States produced about 41 million barrels (1.7 billion 

gallons) of pure biodiesel, imported about 4 million barrels (168 million gallons), 

exported about 2.7 million barrels (114 million gallons), and consumed about 43 million 

barrels (1.8 billion gallons) nearly all as blends with petroleum diesel. 
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1.3.1 Classification of biodiesel feedstock 

Biodiesel is produced from natural and organic resources. The selection of 

biodiesel feedstock is region-specific since agricultural activities and climatic conditions 

in different countries provide wide-ranging potential feedstock for biodiesel production 

[11]. Around 75% of the biodiesel production cost is contributed by the feedstock cost 

alone [12]. Therefore, the selection of a potential feedstock is necessary for the reduction 

of overall biodiesel production cost. The potential biodiesel feedstock available in major 

countries is shown in Figure 1.2.  Biodiesel feedstock is broadly classified as first, second, 

and third generation feedstocks [13]. 

Initially (in 1930) biodiesel was produced from food crops [14]. Thus, feedstock 

for biodiesel extracted from food crops such as rapeseed, palm, sunflower, corn, sugar 

beet, wheat and soybean are considered as first generation feedstocks. However, the 

extensive use of first generation feedstocks resulted in food-versus-fuel conflicts and also 

disturbed the agricultural farmland allocation [15]. In Malaysia, the cost of edible palm 

oil was increased by 70% because of its wide application in biodiesel production [12]. 

According to Worldometer statistics till February 21, 2021, and the GHI index report, 

India has a population of 1.38 billion and ranks 94th out of 107 nations in terms of global 

hunger index (GHI). Therefore, first generation feedstock is not feasible in the Indian 

context to address the food-versus-fuel conflicts. Thus, to mitigate the problems 

associated with first generation feedstocks, second generation feedstocks were explored. 

Non-edible oils with higher free fatty acids substituted edible oils for biodiesel production 

and are considered as second generation feedstock. Non-edible oils derived from waste 

cooking oil, non-edible plant oil, grease, and waste animal fats are explored as second 

generation feedstock for biodiesel production [16]. South Asia has non-edible oilplants 

of more than 300 species. India has a rich source of non-edible oils (approximately 1 

million tons per year). The government of India has identified Pongamia pinnata 

(karanja) and Jatropha curcas oils (JCO) as the most promising feedstocks for biodiesel 

[12]. The emphasis then shifted to third generation feedstocks, i.e., micro- and macroalgae 

in order to minimize the potential shortage of land and fodder. 
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Figure 1.2. Potential biodiesel feedstocks in major countries (data source: Alagumalai 

et al., 2021). 

 

1.3.2 Microalgae as 3rd generation biodiesel feedstock 

Microalgae are unicellular photosynthetic microorganisms that grow very fast and 

has a thirst for carbon dioxide. Microalgae are naturally found in fresh water and marine 

environment.  Microalgae have more than 300,000 species, with a diversity far greater 

than plants [17]. The three key elements required for microalgal growth are the light 

source (obtained from the sun), nutrients (mainly nitrogen, phosphorus, and trace metals), 

and a carbon source (derived from CO2) [18]. Microalgae are generally more efficient 

converters of solar energy compared to higher plants. Research on microalgae as a 

feedstock for biodiesel production continues to increase because of the inherent 

advantages it holds over other traditional feedstock. From a bioenergy perspective, 

microalgae possess the potential to generate a considerable amount of oil per acre as 

compared to other biofuel feedstock. Moreover, microalgal biomass being rich in 

biochemical composition favors the production of a broad spectrum of marketable value-

added products. The presence of triglycerides in microalgal lipids favors biodiesel 

production [19]. Following are some of the advantages of microalgae that validate its 

potential as a third generation biodiesel feedstock: 
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 The oil production rate of microalgae is between 60,000-240,000 L/hectare/year, 

which is much higher than that of other oil producing feedstocks [17]. Generally, the 

total lipid content of microalgae ranges from 20% to 80% dry cell weight [20]. 

 Microalgae have better CO2 sequestration ability. It is estimated that 1.83 kg of CO2 is 

consumed in order to produce 1 kg of algal biomass [21].  

 Freshwater and arable lands are not required for growing microalgae as it has the 

adaptability to grow in extreme environmental conditions [22]. 

 The cell doubling time of microalgae is as short as 3.4 h [21]. 

 The water footprint of microalgal biodiesel is lower than that of other biodiesel 

feedstocks. Microalgal biodiesel water footprint varies from 3.5 to 3726 kg of water 

per kg of biodiesel [23]. 

 Microalgae cultivation does not require the application of herbicides or pesticides 

[24]. 

 Microalgal biomass contains carbohydrates, proteins, and pigments in addition to 

lipids for biodiesel production, making the de-oiled biomass a potential feedstock for 

the production of biofuels and other value-added products [25]. 

Despite several advantages, microalgal biodiesel production suffers from several 

limitations at different stages of the upstream and downstream processes [26]. Some of 

the challenges are as follows: 

 Potential strain with high lipid content and inherent adaptability to the local climatic 

conditions must be selected [21].  

 Microalgal cultivation is a water-intensive process that requires almost 1000 kg of 

water per kg of biomass [27]. 

 Oil synthesis needs to be decoupled from the arrest of cell division. The amount of oil 

produced by a microalga is dependent on species and cultivation conditions. 

However, substantial oil accumulation in microalgae requires stress culture 

conditions. Under such stress culture conditions, microalgae can accumulate 

considerable amount of oil, explaining the potential of microalgae as a biodiesel 

feedstock. However, stress culture conditions limits the overall biomass productivity 

of the system [28]. 
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 Harvesting of microalgal biomass is one of the major bottlenecks during downstream 

processing, as it involves high energy input [29]. Harvesting is estimated to account 

for 20%–30% of the total production cost [30]. 

 Almost 80%–90% of the equipment cost is utilized for harvesting microalgal 

biomass from open ponds [31]. 

 

1.3.3 Microalgal lipid enhancement strategies 

Microalgae have the potential to produce a considerable amount (20%-60%) of 

triacylglycerol (TAG) when their cells are under stress [32]. Stress is defined as a 

deviation from normal growth conditions as long as homeostasis permits [33,34]. Stress 

can be either physical stimuli such as variations in temperature, light intensity, 

photoperiod, or chemical stimuli such as nutrient deprivation (nitrogen and phosphorous), 

salinity stress, pH of the medium, etc. [35]. These physical and chemical stimuli, be it 

adverse or favorable, influences the biochemical composition of microalgae severely 

[36]. 

Among the various stress stimuli, nutrient starvation is one of the most promising 

approaches, which is being widely employed by researchers for lipid enhancement in 

microalgae. Nitrogen (N) and phosphorus (P) are the primary sources of microalgal 

nutrients influencing carbon flux and cellular energy reorientation [37]. Nitrogen is a 

major component of essential biological molecules such as nucleic acids, proteins, and 

chlorophylls, which influences cell division and growth. Whereas phosphorus is a major 

component of nucleic acids and phospholipids. Moreover, modulation of nutrient levels 

has been reported to influence lipid accumulation and composition [38]. On the other 

hand, nitrogen boosts neutral lipid accumulation, whereas phosphorus limitation 

stimulates intra- and interspecific variability in metabolic responses. During nutrient 

limitation, surplus energy and carbon pool accumulated due to the inhibition of amino 

acids synthesis are diverted to lipid synthesis. However, this condition results in low 

biomass productivity and poor enzyme activity as the protein synthesis is impaired [39]. 

To overcome this problem, two-stage cultivation strategies is being employed widely. In 

the first stage of cultivation, a nutrient rich medium is used to grow microalgal cells to 

TH-2569_156151002



  Chapter 1 

9 | P a g e  

 

obtain a high density of cells. Subsequently, these cells are shifted to a nutrient-deficient 

medium to enhance the accumulation of cellular lipids [19,40–42]. 

 

1.3.4 Stress-induced reactive oxygen species (ROS) generation and its putative role 

in lipid accumulation 

Since stress-induced lipid enhancement strategies in microalgae are extensively 

used as an environmentally benign approach, it is of industrial and biotechnological 

importance to understand the relationship between different stress factors and lipid 

accumulation. Proteomic and genomic analysis showed that under stress conditions, the 

metabolic network shifts towards lipid accumulation [43,44]. However, the relationship 

between extracellular stress signals and intracellular lipid synthesis is poorly understood. 

Under various stress conditions, potential signal transduction mechanisms might be 

involved in triggering carbon partitioning and lipid accumulation [45]. In recent years, 

researchers suggested that ROS might be an important mediator for lipid accumulation 

under stress conditions [46,47]. 

Aerobic organisms gain significant energetic advantages by using molecular 

oxygen as a terminal oxidant in respiration. Although oxygen is a harmless molecule, 

however, its presence in the cellular environment causes an oxidative threat to cellular 

structure and processes [48]. Molecular oxygen has the potential to be partially reduced 

and form toxic ROS [49]. In aerobic organisms, ROS are formed by the inevitable leakage 

of electrons onto molecular oxygen from the electron transport activities of chloroplasts, 

mitochondria, and the plasma membrane [50]. The cellular ROS level remains at 

equilibrium under a normal physiological state [45]. However, under stress conditions, 

the balance between cellular ROS production and elimination gets disturbed, leading to 

an increased accumulation of ROS [51]. An elevated level of intracellular ROS triggers 

oxidative stress, which causes damage of proteins, lipids and DNA. However, ROS 

accumulated in the cells due to stress is counteracted by cellular defense mechanisms 

such as non-enzymatic antioxidants (e.g., pigments, polysaccharides, polyphenols, 

proline, carotenoids, and flavonoids) and enzymatic antioxidants (e.g., superoxide 

dismutase, catalase, ascorbate peroxidase) [19]. These antioxidants scavenge the excess 

oxidants and prevent the cells from harmful impacts of ROS. Thus, ROS acts as a 
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messenger to cellular signals and facilitates the cells to adapt to adverse growth conditions 

[34].  

 

1.4 Harvesting 

Harvesting is a process of separating microalgal biomass from the growth 

medium. The strategy employed for harvesting and dewatering the microalgae generally 

accounts for approximately 3%-30% of total biomass cost [21,52]. Thus, the economy of 

microalgal production is significantly influenced by harvesting technology [53]. Several 

factors such as the cell age, shape, type, density and size of the target microalgae and the 

significance of the end product influence the selection of harvesting technology [21]. 

Typically a harvesting method that yields algal biomass with minimum moisture content 

is preferred as the high moisture content of harvested biomass may increase the cost of 

further processing [29]. It has been reported that 90% of the equipment cost is utilized for 

harvesting microalgal biomass from open ponds [31]. An ideal harvesting method should: 

(a) have a high sedimentation rate; (b) have high biomass recovery; (c) not alter the 

quality of the biomass; (d) be eco-friendly; (e) be economical and non-toxic so that it can 

be applied in large scale; (f) permit the reusability of the culture medium [54].  

1.4.1 Microalgal harvesting strategies and its challenges 

The selection of an appropriate harvesting technique depends on the end product 

requirement and features of microalgal species. At present microalgal biomass is 

recovered either by physical, chemical, electrical, biological, or magnet-based methods 

[26]. Each of these harvesting techniques performs on its principle, and hence, has its 

advantages and disadvantages. Physical based harvesting techniques comprise of 

sedimentation, centrifugation, flotation, and filtration with varying efficiencies and 

operational cost. The main drawback of sedimentation, flotation, and filtration is that the 

processes are species-specific [55]. On the other hand, though centrifugation is the most 

extensively applied harvesting process because of its high harvesting efficiency, the 

process involves a high operational cost [56]. Chemical based harvesting techniques, 

which consist of inorganic and organic flocculants, are expensive and leads to unwanted 

byproducts causing a detrimental impact on the cells [26]. Electrical and magnet-based 

methods are strain-independent and chemical-free processes, but they have limited 
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application potential due to high capital expenditure and operating costs. Whereas 

biological harvesting methods are energy-efficient and are based on natural and chemical 

free organic flocculants such as cationic biopolymers, proteins extracted from 

microorganisms, modified soil, fungal spores, and pellet, seed extract from Moringa 

oleifera, vegetable tannin, etc. [26,55]. However, flocculants extracted from 

microorganisms show inconsistent results and cause microbial contamination. Therefore, 

flocculants extracted from natural and biodegradable resources such as cationic starches, 

seeds, vegetable tannins, etc., that have a low impact on cell structure are considered as a 

superior alternative to flocculate microalgal cells [57].  

1.4.2 Flocculation 

Flocculation is a promising solid-liquid separation method that has been used for 

harvesting microalgae since the 1980s [58]. In this process, the flocculant added to the 

culture medium facilitates the microalgal cells to form large aggregates known as flocs 

for speedy sedimentation and separation from the bulk medium [59]. There are four 

mechanisms by which microalgal cells flocculate (Table 1.1). Since the microalgal cell 

surface is negatively charged, cationic flocculants are required to either reduce or 

neutralize the negative charge [60]. The flocculation process is categorized into chemical, 

auto, bio, electrolytic, and organoclay flocculation depending on the types of flocculants 

used for microalgal harvesting [61]. The efficiency of flocculation depends on surface 

properties of microalgae, cell concentration, the charge density of flocculant, flocculant 

dose, pH of the culture medium, and mixing extent [59]. An ideal flocculant should: (a) 

not alter the quality of the biomass; (b) be eco-friendly; (c) be inexpensive and non-toxic 

so that it can be applied in large scale; (d) permit the reusability of the culture medium 

[29]. 
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Table 1.1. Mechanisms of microalgal cell flocculation. 

Mechanism Description Illustration 

Charge neutralization When positively charged ions, 

polymers or colloids strongly 

adsorb onto the negatively 

charged surface of an algal cell, 

eventually canceling the negative 

surface charge, the phenomenon 

is known as charge 

neutralization. This results in the 

loss of electrostatic repulsion 

between the algal cells, which 

consequently forces them to 

flocculate. 

 

Electrostatic patching The positively charged polymer 

binds to the algal cell surface and 

locally reverses the charge on the 

algal surface. Thus, algal cells 

attract patches of opposite 

charge, resulting in flocculation 

of the suspended algal cells. 

 

Bridging Cationic polymers 

simultaneously bind to the 

surface of two or more algal 

cells, resulting in bridge 

formation between the algal 

cells. 

 

Sweeping Algal cells are flocculated by 

entrapping the cells in a massive 

polymeric precipitation. 
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1.4.3 Bioflocculation 

The flocculation process induced by microorganisms (self-flocculating algae, 

bacteria, fungi, or yeast), extracellular polymer substances, or bioflocculants extracted 

from algae, bacteria, waste biomass, plants, seeds etc. is termed as bioflocculation 

[59,62,63]. In this harvesting process, cells forms ionic bridges with the microorganisms 

(algae, bacteria, fungi) or the bioflocculants to form large flocs and finally settle down by 

gravimetric force without the addition of any chemical flocculants. Bioflocculation is an 

energy-efficient, eco-friendly and chemical-free process that maintains cell integrity.  

1.5 Microalgal Biomass to Biodiesel Conversion 

1.5.1 Transesterification 

Microalgal biomass is conventionally converted to biodiesel through the 

transesterification process. Transesterification reaction converts the triglycerides 

extracted from biomass into long chains fatty acid alkyl esters (FAAEs) and glycerol in 

the presence of alcohol and catalyst [64]. The transesterification reaction is shown 

in Figure 1.3. Transesterification reaction involves three reversible steps: (i) in the first 

step; triglycerides are converted to diglycerides, (ii) in the second step; diglycerides are 

converted to lower glycerides, i.e., monoglycerides, (iii) finally, monoglycerides are 

converted to esters (biodiesel) and glycerol [65]. An ester is formed in each conversion 

step; thus, one triglyceride (TG) molecule produces three ester molecules. Various types 

of alcohols such as methanol, ethanol, propanol and butanol can be used for biodiesel 

production. During this transesterification process, when methanol is used as the reactant, 

it results in the formation of fatty acid methyl esters (FAME) whereas when ethanol is 

used as the reactant, fatty acid ethyl esters (FAEE) are formed as the reaction product. 

However, methanol due to its low-cost and availability is the most widely used alcohol 

during the transesterification process [66]. The high free fatty acid (FFA) in microalgal 

lipid reacts with the alkali catalyst resulting in an unfavorable saponification process. This 

process leads to the formation of by-products, such as soaps and gels that compromises 

the transesterification reaction’s efficiency and hinders the separation of ester and 

glycerol phases [67]. To overcome this problem, a two-step acid-base catalytic process is 

widely being applied. The first step involves the acid pretreatment process, known as the 

esterification of FFA. In the esterification process an acid catalyst is employed to reduce 
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the FFA content to a safer level (<1%) and convert FFA into esters. Whereas in the second 

step transesterification reaction occurs, where an alkali catalyst is employed to convert 

the esters into FAAEs [8]. The efficacy of FAAE conversion depends on reaction 

temperature, retention time, lipid-alcohol ratio, and catalyst loading [68–70]. 

 

 

 

 

 

Figure 1.3. Transesterification of triglyceride into fatty acid methyl ester and glycerol. 

 

1.5.2 Catalyst for transesterification 

A catalyst expedite the transesterification reaction rate and yield [65]. Catalyst 

employed for transesterification reaction can be categorized into three types: acid, base, 

and enzyme (biocatalyst) catalyst [13] (Figure 1.4). Acid and base catalyst can be further 

classified based on their homogeneity and heterogeneity. A homogeneous catalyst exists 

in the same phase (gas or liquid) as the reactants. While, a heterogeneous catalyst does 

not exist in the same phase as the reactants. A heterogeneous catalyst forms either a 

suspension or visible physical phases with other reactants. The most significant difference 

between a homogeneous and heterogeneous catalyst is that a heterogeneous catalyst can 

be mechanically separated from reaction mixture at the end of the transesterification 

reaction via filtration or centrifugation, whereas a homogeneous catalyst cannot be 
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recovered. This property allows heterogeneous catalysts to be reused and, to some extent, 

unaffected by a feedstock's high FFA content [66]. 

Sodium hydroxide, potassium hydroxide, sodium methoxide, and potassium 

methoxide are some of the examples of widely used homogeneous base catalysts [71]. 

Homogeneous basic catalyst requires short reaction time but suffers from some 

significant drawbacks, such as emulsification, generation of a huge quantity of alkaline 

wastewater, and hurdle in separating catalyst at the end of the reaction [72]. To overcome 

these problems, various surface modified heterogeneous basic catalyst such as CaO, 

CaTiO3, CaZrO3, CaO-CeO2, CaMnO3, Ca2Fe2O5, KOH/Al2O3, KOH/NaY. Al2O3/KI, 

ETS-10 zeolite, and alumina/silica supported K2CO3 have been developed [64]. However, 

the active sites of the heterogeneous basic catalyst get easily deactivated when exposed 

to air. As compared to the heterogeneous basic catalyst, the homogeneous acid catalyst is 

suitable for simultaneously esterification and transesterification reaction of oils with high 

free fatty acids [73]. Sulfuric acid is the most widely used homogeneous acid catalyst for 

transesterification. However, a homogeneous acid catalyst has a lower reaction rate and 

requires a large quantity of solvent for oil extraction. Moreover, the high solubility of the 

homogeneous acid catalyst makes its reusability complex, as the energy required for the 

catalyst separation and product purification is high, thus increasing the cost of product 

[74]. Heterogeneous solid acid catalyst such as ZnO/I2, ZrO2/SO2
−4, TiO2/SO2

−4, niobic 

acid, sulfated zirconia, Amberlyst-15, and Nafion-NR50 are considered as a promising 

alternative for reducing the energy and production cost of biodiesel [13]. These solid acid 

catalysts have high reactivity and can be easily recovered. However, the low thermal 

stability and high production cost of commercially available heterogeneous acid catalysts 

limit their widespread applicability. Enzyme catalyst also known as biocatalyst is 

conventionally produced through microbial fermentation to overcome the shortcomings 

of acid and base catalyst [75].  Extracellular lipases, intracellular lipases, and free 

enzymes are the three types of enzyme catalyst used for transesterification reaction [13]. 

Enzyme based transesterification process can tolerate free fatty acid and water without 

soap formation, thereby making separation of biodiesel and glycerol easier. However, the 

high production cost of enzyme, long reaction time, and high susceptibility to alcohol 

denaturation makes enzyme catalyst unsustainable [76]. Hence, researchers are trying to 
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develop reusable heterogeneous catalysts from waste biomass resources such as woody 

biomass, rice husk, peanut hull, sugarcane bagasse, vegetable oil asphalt, waste shells for 

minimizing the production cost [77]. These green catalysts can be produced in a less 

energy-intensive and environmentally benign way through carbonization and sulfonation 

method [78]. 

Figure 1.4. Catalyst classification for biodiesel synthesis. 

 

1.5.3 Carbon based catalyst 

The activated carbon also known as activated charcoal, is a highly porous material 

which is most commonly used as a carbon catalyst [79]. Activated carbon is an amorphous 

carbon with uniform distribution of micropores and macropores, thereby providing a large 

surface area for the chemical reactions to take place [80]. Activated carbon provide 

numerous advantages such as high thermal stability, high surface area, and hydrophobic 

surface that makes it favorable for anchoring desirable functional groups [81]. Activated 

carbon is generally produced from high carbon containing materials such as woody 

biomass, peat, coal, shells, and petroleum residues [82]. The carbonaceous materials can 
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be synthesized by different methods based on the desired product properties and end 

product application. Activated carbon can be prepared through direct carbonization 

(pyrolysis), hydrothermal carbonization (HTC), and carbon nanostructure synthesis 

processes that include Ordered Mesoporous Carbon (OMC), Carbon nanotube (CNT), 

and Metal Organic Framework (OMF). However, pyrolysis (direct carbonization) and 

HTC are the two most commonly used methods for producing carbonaceous materials 

from biomass [83].  

Carbon based catalysts are divided into two types: (a) functionalized catalysts, 

and (b) supported catalysts. Based on the catalytic application, the surface of the 

carbonaceous material can be impregnated with different functionalized groups, usually 

by in-situ or post-synthetic methods [79]. Functionalized catalysts are sub-divided into 

two categories: (a) acid functionalized, in which different acid or acidic functional groups 

are covalently attached with carbon material, and (b) base functionalized, in which 

different base or basic functional groups are covalently attached with carbon material. 

Apart from the functionalized catalyst, the porous carbonaceous material is also being 

used as a support for active catalysts like CaO, KOH, 12-tungstophosphoric acid (TPA), 

etc. [82]. 

1.5.3.1  Direct carbonization 

The pyrolysis process is a well-known direct carbonization method that is 

performed in an inert atmosphere. A reaction temperature between 200 °C and 700 °C 

under atmospheric pressure typically produces biochar yield between 10% and 39% of 

the biomass [79,84]. During pyrolysis, biomolecules in the microalgal biomass undergo 

cracking and depolymerization due to continuous heating. Thermal decomposition results 

in the production of bio-oil, chars, and non-condensable gases such as CO, CO2, CH4, H2 

[79]. Pyrolysis of organic materials results in the formation of products containing –OH 

and –COOH groups [85]. The pyrolysis treatment in the carbonization process is highly 

efficient and flexible, but it is not appropriate for raw materials with high moisture content 

[86]. The carbonization temperature influences the structure and acid density of the 

carbonaceous material [85]. In comparison to hydrothermal carbonization, the pyrolysis 

process requires a relatively longer reaction time. 
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1.5.3.2  Hydrothermal carbonization 

Hydrothermal carbonization is a thermochemical conversion process that is 

performed in the presence of water at different temperature ranges. The process is 

generally conducted at high pressures so that the water molecules can be suppressed and 

prevented from escaping during the reaction [87]. HTC process generally involves a series 

of reactions such as hydrolysis, dehydration, decarboxylation, condensation, and 

aromatization to disintegrate the biomass bonds [79]. The water plays the role of both 

reactant and reaction medium, thereby enhancing the carbonization process by 

hydrolyzing biomass to form a new molecular fragment [88]. The solid hydrochar, liquid 

bio-oil, and gaseous products are the three primary products of the HTC process [87]. The 

type of feedstock, temperature, reaction time and biomass to water ratio influences the 

product distribution ratio between solid, liquid and gas product. HTC process performed 

at a lower temperature (<200 °C) generates hydrochar as a primary product, whereas 

HTC performed between 200 °C - 400 °C produces liquid hydrocarbon as its main 

product. HTC process carried out at the supercritical state for water produces gases as its 

primary product [79]. 

1.5.3.3  Sulfonated carbon based catalyst 

All the reported acid functionalized carbon based catalysts are sulfonated 

activated carbon. These sulfonated activated carbons catalyzes the process of biodiesel 

production either by catalyzing the esterification of FFAs present in the oil or by 

simultaneously catalyzing esterification and transesterification reactions similar to 

concentrated H2SO4 [82]. Sulfonated carbon-based catalysts are notable for their 

excellent stability, ease of synthesis, low-cost, and presence of strong protonic acid sites. 

Numerous studies have reported the use of sulfonated carbon based catalyst with high 

density of sulfonic acid groups (–SO3H) as a noble alternative to H2SO4 in reactions such 

as hydrolysis, esterification, and nitration [89–91]. Sulfonated carbon based catalyst are 

synthesized by two methods: (a) direct sulfonation and, (b) sulfonation through reductive 

alkylation/arylation [77]. Direct sulfonation is generally carried out by heating the 

mixture of catalyst support and sulfonating agent to synthesize the catalyst (Figure 1.5). 

H2SO4 is the most commonly used sulfonating agent for synthesizing sulfonated carbon 
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catalyst. Reaction parameters such as sulfonating agent, sulfonation time and carbon 

precursor influences the catalytic activity of the catalyst [82]. Sulfonation of 

carbonaceous material by reductive alkylation/arylation of sulfonic acid-containing aryl 

radical has been used to synthesis sulfonated activated carbon using various carbon 

sources such as ordered mesoporous carbon (OMC), nanotubes, graphite, and graphene.  

 

 

Figure 1.5. Synthesis pathway of solid acid catalyst from biomass (data source: Tang et 

al., 2018). 
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Chapter 2 
 

Literature Review and Objectives 

 

2.1 Microalgae Strain Selection  

Isolation and screening of new microalgal strains with potential for biofuel production 

is an essential first step for commercial-scale biofuel production using microalgae. Microalgal 

diversity offers both an opportunity and a challenge in the process of potential strain selection. 

For commercial-scale biofuel production, the microalgal strains must meet a range of criteria 

for efficient high-productivity cultivation (e.g., their temperature and salinity tolerance, 

efficiency and mechanisms of uptake of inorganic carbon, photosynthetic capacity, lipid 

content and quality, shear tolerance, etc.), harvestability (e.g., cells size and morphology), and 

extractability (e.g., cell covering) [92]. In 1983, the Solar Energy Research Laboratory (SERI) 

in the United States started the isolation and screening process of a wide range of microalgae 

from the saline environment. The researchers achieved a significant improvement in 

productivity due to the selection of potential strain. Zhang et al. (2014) isolated 101 microalgal 

strains from partial waters in Hainan province, of which eight strains were selected based on 

their biomass productivity, lipid content, and ease of cultivation. Among all the isolates, 

Desmodesmus sp. WC08 was found to be the potential candidate for biodiesel production, 

based on its higher biomass concentration (2.32 g L−1), lipid content (31.30%), lipid 

productivity (115.73 mg L−1 d−1), and oleic acid content (˃50% of the total fatty acids) [93]. In 

another study, Minhas et al. (2016) screened four microalgal strains out of twenty-two isolates 

with the potential to produce significant quantities of multiple products such as lipids, lutein, 

astaxanthin, and carotenoid [94]. Thus, selecting a potential strain with high productivity of the 

desired product and an inherent ability to grow in the environmental conditions under which it 

will be grown in large scale cuts the production cost to a great extent. 
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2.2  Cultivation Strategies for Improved Biomass and Lipid Content 

The economic feasibility of a microalgae-based biodiesel production system is 

determined by two mutually exclusive parameters: biomass content and lipid content. In 

general, the nutrien starvation strategy is extensively employed to increase the lipid content of 

the microalgal cells but at the cost of reduced biomass content [39]. Nutrient starvation reduces 

cell division and growth as nitrogen, phosphorous, sulfur, carbon, and trace mineral nutrients 

are essential components of biological molecules such as nucleic acids, proteins, and 

chlorophylls [19,95]. To deal with these problems, various cultivation strategies have been 

widely employed. Microalgal cultivation strategies are primarily categorized as batch, fed-

batch, continuous, semi-continuous, and two-stage cultivation strategies (Figure 2.1).  

In the batch cultivation process, all the nutrients are added at the beginning of the 

cultivation, and no additional nutrients are added in the subsequent process. However, in batch 

cultivation mode, cell growth is accompanied by insufficient nutrient uptake due to the gradual 

depletion of nutrients in the medium, leading to lower biomass concentration. Due to this 

limitation, researchers have developed various batch culture-based cultivation systems such as 

continuous, semi-continuous, and fed-batch processes [96]. Initially, continuous and semi-

continuous cultivation processes are performed in batch cultures. In a continuous cultivation 

mode, the fresh culture medium is continuously added to the culture vessel while effluent and 

product are simultaneously withdrawn. While in a semi-continuous mode, a portion of the 

culture containing cells is periodically withdrawn, and the remaining culture is replenished with 

a fresh medium. In a fed-batch process, nutrients are fed to the culture vessel intermittently 

[97]. In this cultivation process, optimum nutrient concentration is maintained by adjusting the 

feed rates. Continuous and fed-batch processes are generally performed under nutrient-rich 

conditions, which leads to a low level of lipid accumulation. 

Two-stage cultivation strategies are being widely employed to obtain high biomass 

concentration and lipid yield. In the first stage of the cultivation process, a nutrient-rich medium 

is used to grow microalgal cells to obtain a high density of cells. Subsequently, in the second 

stage, these cells are shifted to a new culture medium to induce stress for enhanced cellular 

lipid accumulation [19,40]. Based on stress stimuli, two-stage cultivation strategies are divided 

into five categories: inducer addition by two-stage strategy, starvation-based two-stage 

strategy, metabolic switch by two-stage strategy, and irradiation-based two-stage strategy [96]. 

In a two-stage cultivation system, the average increase in biomass production was reported to 
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be higher than the non-hybrid strategies, 12.5% greater than photobioreactors, and 46–74% 

more than open ponds [96]. Mujtaba et al. (2012) successfully increased lipid productivity in 

Chlorella vulgaris using a nitrogen starvation-based two-stage strategy. In their study, lipid 

productivity was significantly increased from 31.5 mg L−1d−1 to 71 mg L−1d−1 [98]. In another 

study, supplementation of a high concentration of NaCl at late log phase enhanced lipid 

productivity during the two-stage cultivation of Monoraphidium dybowskii LB50 [99] 

 

 

Figure 2.1. Diagram of the five microalgae cultivation strategies: (a) batch, (b) fed-batch, (c) 

continuous, (d) semi-continuous, and (e) two-stage cultivation strategies. 

 

2.3 Microalgae Biochemical Composition 

The feasibility of a microalgae-based biofuel system is primarily determined by its 

biochemical composition. The biochemical composition of microalgae comprises proteins, 

carbohydrates, nucleic acids, and lipids in varying proportions based on microalgal species. 

Lipid (37.6 kJ g-1) is the most energy-rich compound, followed by proteins (16.7 kJ g-1) and 

carbohydrates (15.7 kJ g-1) [100]. Microalgal lipids are divided into polar and nonpolar lipids 

based on their structures. Polar lipids such as glycolipids and phospholipids are structural 
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components of organelle membranes. These lipids are amphiphilic in nature, with a hydrophilic 

head and a hydrophobic tail [101]. Nonpolar (neutral) lipids are storage lipids such as 

acylglycerols, sterols, free fatty acids, wax, and steryl esters [102]. 

Microalgae produce carbohydrates during the dark stage of photosynthesis. During 

photosynthesis, carbon dioxide is reduced to carbohydrates through the Calvin cycle [100]. 

Carbohydrates also comprise structural and storage components. Structural components such 

as pectin, cellulose, and sulfated polysaccharides are generally present in the cell wall, whereas 

storage components such as starch accumulate either inside or outside the chloroplast. The 

metabolism and composition of carbohydrates vary among microalgal species [103]. 

Generally, microalgae have a total carbohydrate content of about 20% dry weight [104]. Protein 

synthesis is the most intricate mechanism in all cells. Microalgal protein contains a number of 

different amino acids, such as arginine and leucine. Protein content in microalgae is believed 

to be proportional to the lipid content. Microalgae typically possess 20%-60% (dry cell weight) 

of protein [105]. 

2.4 Lipids in Microalgae 

Microalgal lipids mainly consist of triacylglycerol (TAG) and diacylglycerol (DAG), 

which are desirable for commercial-scale biodiesel production [105]. It has been reported that 

during the exponential phase of growth, microalgae accumulate very little TAG, with the 

majority of TAG being accumulated during the stationary phase [100,106]. TAG is easily 

catabolized to provide energy for metabolic processes. TAG is primarily synthesized in the 

presence of light, stored in cytosolic lipid bodies, and then utilized for polar lipid synthesis 

when light is absent [107]. The lipid content of microalgae is usually in the range of 20% – 

50% of the dry cell weight and can be as high as 80% under certain conditions [108]. However, 

the growth rate of high lipid-containing strains is reported to be lower than low lipid-containing 

strains [109]. 

The amount and ratio of saturated and unsaturated fatty acid determine the suitability 

of microalgae as a biofuel feedstock. Microalgal lipid is generally composed of unsaturated 

fatty acids such as palmitoleic (16:1), oleic (18:1), linoleic (18:2), linolenic acid (18:3), and 

saturated fatty acids such as palmitic (16:0) and a small portion of stearic acid (18:0). The fatty 

acid composition of lipids in microalgae significantly affects the biofuel properties. Microalgal 

lipid containing a low amount of saturated fatty acid exhibits better cold flow properties as 

long-chain saturated fatty esters increase the pour and cloud point of biodiesel [100]. However, 
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biodiesel with a high amount of unsaturated fatty acids is oxidized at a faster rate than 

conventional diesel, resulting in insoluble sediments that interfere with engine operation. 

Therefore, microalgae with the potential to generate a high quantity and quality of lipid should 

be selected for producing biodiesel efficiently. 

2.5 Environmental Stresses affecting Microalgal Lipid Content and   

Composition 

The biochemical composition of microalgae varies with the physiochemical changes in 

its culture environment. Numerous studies have employed environmental stresses such as light 

stress, temperature stress, nutrient stress, pH stress, and salt stress to improve the lipid content 

and composition of microalgae (Table 2.1).  

 Nutrient stress 

Nutrient manipulation changes the metabolic strategies and biochemical composition 

of microalgae. Microalgal sensitivity to nutrient modification is typically considered through 

three levels of limitation: starvation, limitation, and depletion. The nutrient-starved condition 

involves growing microalgae in a nutrient-replete environment first, and then the cells are 

harvested and shifted to a media lacking specific nutrient/s. Nutrient starvation induces a sharp 

biological shock causing an accumulation of high-energy rich compounds such as lipids. 

During the nutrient-limited condition, cells are grown under continuous mode in a medium 

where all nutrients are available in excess except one particular nutrient that limits maximum 

biomass production and causes a physiological reaction to the limiting nutrient. Nutrient 

deficient growth is carried out in batch cultures where cells are grown in an environment replete 

with required nutrients. The growth rate increases with cell density until the nutrients are 

depleted. Then, the cell growth rate potentially reduces while the amount of high-energy 

storage compounds increase due to changes in metabolic processes [100]. Thus, increased 

production of targeted biofuels can be achieved by manipulating nutrient conditions. 

 

2.5.1.1 Nitrogen  

Nitrogen is an essential element required for protein biosynthesis. Under nitrogen-

limited conditions, the majority of the carbon fixed in photosynthesis is utilized for lipid or 

carbohydrate synthesis rather than proteins. Nitrogen is considered to be an essential nutrient 

influencing the lipid metabolism in microalgae. Cellular nitrogen is found to be inversely 

related to lipid content in microalgae [100]. Nitrogen limitation causes three changes in the 
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species: decreases the cellular content of the thylakoid membrane, activates acyl hydrolase, 

and stimulates phospholipid hydrolysis. These changes might enhance the intracellular content 

of fatty acid acyl-CoA. Meanwhile, nitrogen deficiency may activate diacylglycerol 

acyltransferase, an enzyme that converts acyl-CoA to triacylglycerol. Therefore, nitrogen 

limitation can induce both lipid and TAG synthesis in microalgal cells [110].  

Generally, lipid content in microalgae is increased by 2- to 3-fold when cultured for 4-

9 days under nitrogen-limited conditions. Lipid content in Neochloris oleoabundans and 

Nannochloropsis sp. was found to increase by 2-fold and 1-fold, respectively, under nitrogen-

starved conditions [111,112]. However, Rathinasabapathi et al. (2018) observed lipid 

accumulation in chlorella sp. just hours after the cells were nitrogen starved [100]. In another 

study, about 1.2-fold increase in lipid content was observed when A. dimorphus was nitrogen 

starved for 2 days [19]. The saturated fatty acid (palmitic acid, stearic acid) content in lipids of 

A. falcatus was found to increase when cultured under nitrogen stress conditions. The increase 

in percentage composition of saturated fatty acid and a simultaneous decrease in 

polyunsaturated fatty acid under nitrogen-limited conditions could be due to the oxidative 

damage of unsaturated fatty acids [113]. A high percentage of saturated fatty acids in lipids 

improves the oxidative stability and cetane number of the biodiesel produced. In another study, 

Ordog et al. (2013) reported that under nitrogen-stressed conditions, Scenedesmus strains had 

a more suitable FA profile with higher amounts of SFAs and MUFAs and a smaller PUFA 

component compared to Chlorella strains, which had a larger PUFA component [114]. 

2.5.1.2 Phosphorous  

Phosphorus is another crucial nutrient for microalgal growth as it is involved in cellular 

metabolic activities such as signal transduction, energy transfer, and photosynthesis [100]. It 

has been reported that phosphorous limitation resulted in lipid accumulation, mainly TAG, in 

Dunaliella parva, Chlorella sp., Scenedesmus sp., Monodus subterraneus [115–118]. Xin et 

al. (2010) reported that under phosphorus limiting conditions Scenedesmus sp. accumulated 

about 53% lipid, whereas it accumulated only 25% - 28% of lipid under phosphorus-replete 

conditions [117]. Phosphorus limitation results in substantial changes in the biosynthesis 

process and thus in lipid composition. For instance, Yang et al. (2018) reported that phosphorus 

limitation reduced PUFA and increased SFA content from 35.9% to 38.7% in Scenedesmus 

sp., making it a suitable candidate for biodiesel production [119]. However, in another study, 

the fatty acid profile of Picochlorum Sp. was dominated by MUFA and PUFA under 

phosphorous starvation, making it unfit for biodiesel production [120]. Anne-Marie et al. (2020) 
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reported that PUFA content of lipid in M. gracile was significantly increased by approximately 

2-fold in phosphate-replete and -excess cultures, whereas the MUFA content was slightly 

increased under limited phosphate concentration. Excess phosphate concentration also slightly 

increased the SFA content in M. gracile [121]. 

2.5.1.3  Carbon 

Microalgae are efficient biological factories capable of capturing zero-energy forms of 

carbon, synthesizing, and then storing it in the form of natural oils or as a polymer of 

carbohydrates [100]. Various sources and amounts of carbon have shown significant effects on 

the growth kinetics, content, and composition of lipids in microalgae cells [122]. Some 

microalgae are capable of utilizing organic carbon instead of carbon dioxide as the carbon 

source for heterotrophic growth. For instance, Miao and Wu (year) reported that under 

heterotrophic conditions, chlorella cells were able to accumulate more lipid (55%) as compared 

to autotrophically grown cells [123]. Several studies have reported that high carbon dioxide 

concentration induces the accumulation of SFA, whereas a low concentration of carbon dioxide 

promotes the production of UFA [124,125]. 

2.5.1.4 Trace mineral nutrients 

Trace mineral nutrients are essential for the growth and accumulation of lipids and 

carbohydrates in microalgae. According to numerous studies, the efficiency of these trace 

mineral compounds is dependent on their concentration in the media, their interactive 

synergistic or antagonistic effects with other environmental factors, and the species type [100]. 

Iron is one of the most crucial trace minerals, as ferric ions are involved in 

fundamental enzymatic reactions of photosynthesis. It has been reported that an increase in iron 

concentration resulted in a simultaneous increase in the growth rate and lipid content of 

Botryococcus braunii KMITL 2 [126]. In another study, Praveenkumar et al. (2012) reported 

that iron deprivation caused a slight decrease in biomass with no significant increase in lipid 

content of Chlorella sp. [127]. An increase in iron concentration in the culture media results in 

an increase in SFA content and a decrease in UFA content [100]. 

2.5.2 Salinity stress 

Salinity influences microalgal metabolism by altering respiration rate, nutritional 

assimilation, and carbon uptake from the surrounding environment [128]. Most microalgae 

regulate lipid biosynthesis as a physiological resistance strategy to salt stress. High salt 

concentration can damage microalgal cells due to high extracellular osmotic pressure, but 
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optimal salt stress can induce lipid production. Salinity stress has been reported to intensify 

lipid accumulation by 40% and 44% in Chlorella CG12 and Desmodesmus GS12, respectively 

[129]. The degree of fatty acid unsaturation was found to increase with the increase in salt 

concentration from 10 to 20 g L-1 but decreased at a salt concentration of 30 g L-1 in Nitzschia 

laevis [130]. Changes in lipid and fatty acid composition under salinity stress suggested a 

decrease in membrane permeability and fluidity, which might have helped microalgae 

acclimatize to the salinity stress.  

2.5.3 pH stress 

The hydrogen ion concentration (pH) in the culture media is another stress factor that 

influences the growth and lipid composition of microalgae. Most microalgae exhibit optimal 

growth when the pH is within 7–9, and deviations from this range can inhibit growth, alter lipid 

content and composition, or even cause cell death [131]. Paliwal et al. (2017) reported that 

alkaline pH stress stimulated the accumulation of TAG and decreased the membrane lipid 

content of Chlorella sp. [132]. In another study, although the highest lipid content was obtained 

at pH 8 but the highest biomass production was observed at pH 7 [133]. Generally, in most 

microalgae, alkali pH stress has been reported to induce lipid accumulation with higher 

saturated fatty acids [100]. 

2.5.4 Temperature stress  

Temperature is one of the most important cultural elements for the growth and 

physiology of microalgae since it directly effects photosynthesis, biochemical composition, 

and many other physiological processes [134]. Although most microalgal species are able to 

perform cell division and photosynthesis over a wide range of temperatures (15 °C - 30 °C), 

the optimum temperature range varies from species to species [100]. The increase in 

temperature from 20 °C to 25 °C was found to double the lipid production of Nannochloropsis 

oculata at the expense of a lower growth rate [135]. However, it has been observed that in the 

case of most microalgal species, lower temperature induces stress in favor of higher lipid 

accumulation [100]. At lower growth temperature, microalgae accumulate high lipid with a 

higher percentage of UFA, which helps in maintaining membrane fluidity under low 

temperatures [136]. However, these results are inconsistent, as in the case of Nannochloropsis 

oculata and Chlorella vulgaris, an increase in temperature beyond optimum temperature 

resulted in an increase of UFA [135]. 
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2.5.5 Light stress 

Microalgae are autotrophic microorganisms; thus, light is essential to carry out their 

photosynthetic activity. Microalgae exhibit remarkable changes in their biochemical 

composition under different light intensities. Red light irradiation induces biomass production, 

whereas blue and far-red light wavelengths induce lipid accumulation in microalgae, as light-

harvesting pigments (chlorophyll a and b) are sensitive to these wavelengths. Wahidin et al. 

(2013) reported that maximum cell density, specific growth rate, and lipid yield were obtained 

by changing the light-dark cycle from 12:12–18:06 h at a light intensity of 100 μmol m−2 s−1 

[137]. Generally, low light conditions induce the accumulation of PUFA, whereas the 

percentage of SFA and MUFA are increased under high light conditions [122]. As a high 

percentage of SFA and MUFA are desirable for obtaining high-quality biodiesel, therefore high 

light intensities are preferable for microalgal growth. 
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  Table 2.1. The effect of environmental stress on microalgae lipid, biomass concentration and biomass productivity

Microalgae 

Species 

Stress Biomass 

concentration  

(mg L-1) 

Biomass productivity 

(mg L-1 day-1) 

Lipid content (%) Ref. 

Before 

stress 

After 

stress 

Before 

stress 

After  

stress 

Before 

stress 

After 

stress 

Acutodesmus 

dimorphus 

High 

temperature 

248.61 391.09 14.03 23.53 23.12 22.7 [134] 

Ankistrodesmus 

falcatus 

Nitrogen 

deficiency 

-   252.8 124.29 23.33 59.6 [113] 

Chlorella 

vulgaris 

High salinity 380.8 456.9 18.7  23.8 12.7 24.5 [138] 

Scenedesmus sp. 

 

High salinity 460.15 404.18 22.74  19.01 18.98 33.13 [139] 

Scenedesmus sp. Nitrogen 

limitation 

481.42 426.61 -  18.87 27.93 [140] 

Nannochloropsis 

salina 

pH     21.8 24.75 [141] 

Scenedesmus 

obliquus 

High light -  441 841 16 38 [142] 

N. oculata High 

temperature 

-  -  7.9 14.9 [135] 

Chlorella sp. pH 50 167.5   15 33 [143] 

Ankistrodesmus 

falcatus 

Phosphorus   0.175 0.124 31.31 59.6 [113] 

Chlorella sp. Phosphorus 

limitation 

  1.9 2.2 14 23.6 [116] 

Scenedesmus 

obliquus 

High carbon 

dioxide 

50 400   4.2 33.14 [144] 

Chlorella 

minutissima 

High glucose 5500  8980   6 10.10 [145] 
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2.6 Possible Link between ROS Generation and Lipid Accumulation 

According to several experimental reports, intracellular ROS seem to be mediator of 

lipid accumulation in microalgae [134,146]. A number of studies have shown that stress-

induced lipid accumulation is invariably associated with increased antioxidant defenses (e.g., 

oxidative-stress response proteins) or increased intracellular ROS levels [146,147]. Zhang et 

al. (2019) reported that the cellular lipid content of C. pyrenoidosa increased under nitrogen, 

phosphorus, or sulfur-starved conditions. Moreover, the SOD, CAT, APX activity, and MDA 

content also increased under these nutrient-starved conditions suggesting the existence of high 

intracellular ROS content [38]. Shi et al. (2017) reported that ROS might be the second 

messenger of numerous stress factors that govern cellular responses to extracellular stress [45]. 

In another study, Pancha et al. (2015) reported that salinity-induced oxidative stress in 

Scenedesmus sp. resulted in highest lipid (24.77%) and neutral lipid (74.87%) accumulation, 

thereby suggesting oxidative stress as a vital inducer for neutral lipid accumulation. Moreover, 

high H2O2, MDA, APX, and proline contents in Scenedesmus sp. under salinity stress 

suggested a correlation between ROS and lipid accumulation [139]. Similar results were 

reported by Chokshi et al. (2015) where temperature-induced oxidative stress increased lipid 

content (22.7%) and neutral lipid (59%) accumulation in A. dimorphus [134]. However, only a 

few putative mechanisms of ROS-mediated lipid accumulation have been identified, and there 

is currently no direct experimental evidence. 

2.7 Physical Properties of Microalgae 

Microalgae are found in different shapes and forms: spherical, elongated or 

filamentous, and their cell size ranges from 0.5 μm - 200 μm. Scenedesmus species generally 

manifest long spines in the colonies of two or four-cell coenobia [148]. Whereas some species 

such as Chlamydomonas reinhardtii are found to be flagellated and mobile within the medium. 

This wide range of physical characteristics exhibited by microalgae disturbs harvesting 

efficiency. For instance, flagellated cells evade flocculation by swimming out of flocs, and the 

cells get easily damaged when the mechanical harvesting method is used [149]. The cell surface 

charge or Zeta potential of microalgae is negative, and it plays a vital role in the downstream 

processing. Gerardo et al. (2015) reported that the zeta potential of microalgal cells can vary 

from − 2 mV to − 75 mV under the influence of chemical functional groups present in the cell 

surface, which changes with culture conditions and cell age [150]. Moreover, ionization of 

certain chemical functional groups on the microalgal cell surface, such as the amino and 
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carboxyl groups, is involved in the charge and stabilization of microalgae suspensions [149]. 

The ionization of amino and carboxyl groups is greatly dependent on pH, and these ionized 

functional groups influence the physicochemical features of microalgal cells [151]. 

The cell density of diatoms and green algae is reported to vary from 1070 kg m-3 to 

1140 kg m-3, respectively [152]. Sedimentation, a gravity-based separation process, is highly 

influenced by the difference in solid-liquid/algae-medium density. The diameter of algal cells 

plays a crucial role in the sedimentation process, as the size of the cell affects the drag of the 

algal cells in the medium. Rapid settling can be observed if the effective cell size is enlarged 

by algal cell flocculation. Microalgal cells containing high lipid and gas vesicles do not settle 

under the influence of any gravitational force, thus, increasing the complexity of the harvesting 

process [149]. 

2.8 Microalgae Harvesting Techniques 

Generally, microalgal harvesting involves two concentration steps. During the primary 

harvesting, a thickening procedure is applied where the microalgal slurry is concentrated to 

around 2% - 7% of total suspended solids (TSS). This can be attained by applying either 

flotation, sedimentation, flocculation, or a combination of flotation and sedimentation 

processes [150]. The thickening procedure is followed by a secondary dewatering procedure 

that results in the formation of an algal cake with 15% - 25% TSS, which can be attained by 

using centrifugation or filtration [60]. However, a secondary dewatering procedure requires 

more energy as compared to primary thickening procedures. Currently, microalgal cells are 

harvested either by physical, chemical, biological, electrical, or magnet-based methods. Some 

researchers have combined two or more of the above methods to harvest maximum microalgal 

biomass. Table 2.2 shows a comparison of various harvesting techniques. 
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Table 2.2. Comparison of various harvesting techniques. 

Harvesting 

techniques 

Recovery 

efficiency 

Cell 

damage 

Process 

time 

Species 

specific 

Energy 

consumption 

Operational 

cost 

Toxicity Reusability 

of medium 

Large scale 

application 

Ref 

Sedimentation Low No Long Yes Low Low No toxicity Possible Suitable [153–156] 

Centrifugation High Yes Short No High High AOM and EOM 

released cause 

toxicity 

Possible Unsuitable [54,155–157] 

Flotation Medium No Short No Low Medium Surfactant may 

be toxic 

Limited Suitable [54,156,158] 

Filtration High No Short Unfeasible 

for very 

small size 

microalgae 

Low High No toxicity Possible Unsuitable [156,159,160] 

Flocculation High No Short No Low Medium Metal 

contamination 

Limited Suitable [52,151,156] 

Autoflocculation High No Medium Yes Low Low No toxicity Possible Suitable [156,161,162] 

Bioflocculation High No Short No Low Medium Microbial 

contamination 

Limited Suitable [156,163,164] 

Electroflocculation High Yes Short No High High Metal 

contamination 

- Unsuitable [156,165–167] 

Magnetic particle 

assisted harvesting 

High No Short No Low High Metal 

contamination 

Limited Unsuitable [54,156,168] 
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2.8.1 Physical methods 

Sedimentation, centrifugation, flotation, and filtration are the physical methods 

employed for harvesting microalgal biomass.  

2.8.1.1 Sedimentation 

In the process of sedimentation, gravitational forces entail the settling of the suspended 

algal cells from the medium of different densities. However, if the particle size or density 

difference is small, the separation process may be reduced [26]. Studies have shown the 

possibility of harvesting colonial algae such as Micractinium and Scenedesmus (with a cluster 

diameter of approximately 60 μm) via sedimentation. However, sedimentation is not possible 

for smaller microalgae such as Chlorella and motile algae such as Euglena and Chlorogonium. 

The sedimentation rate not only varies among microalgae species but also varies within the 

same species. Studies found that settling rates might vary with light intensity [169] and nutrient 

content [170]. However, older cells (senescent cells) [171] and spore-forming cells have high 

sinking rates [170]. It has been reported that lipid-rich microalgae have low density, and hence 

the settling rate is less. The sedimentation process has not been extensively used for settling 

microalgae [165] as the sedimentation rate of 4 μm - 5 μm sized microalgae in the large scale 

is very small [169]. In the case of microalgal settling, cell recovery is meagre, i.e., 60%-65% 

[172]. A large land area is required for constructing settling ponds and tanks [173]. Generally, 

a lamella-type settling tank consumes 0.1 kWh m−3 for obtaining 0.1%-1.5% dry microalgal 

biomass [153]. 

2.8.1.2 Centrifugation 

The harvesting of biomass through centrifugation is based on the application of 

centrifugal force to enhance the settling rate. The efficiency of harvesting depends on the 

microalgae cell size and density difference between the microalgae biomass and the medium. 

Centrifuges of various designs are available; the characteristics of the feed and the end-product 

requirement determine the selection between sedimentation centrifuges or filtration 

centrifuges. Usually, to procure clarified liquid sedimentation, centrifuges are used, while 

filtration centrifuges are utilized to obtain dry cake [149]. Harvesting of microalgae biomass 

through centrifugation is much advantageous as compared to other methods. Flocculants and 

chemicals-free biomass can be obtained through centrifugation. Harvesting of microalgae 

biomass through centrifugation is applicable to all types of microalgae strains [174]. Harvesting 

through this process ensures a high recovery rate.  
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A study evaluated the cell viability and harvesting efficiency of various microalgae 

species using three different centrifugation techniques: bottle centrifuge, which operates at 

1300 g-force, batch disc centrifuge, which operates at 6000 g-force and the tubular bowl 

centrifuge, which operates at 13,000 g-force. The tubular bowl centrifuge, being operated at 

the highest g-force could achieve a harvesting efficiency of nearly 100% for all species. 

However, some species such as Chaetoceros muelleri and Isochrysis sp. are found to be more 

sensitive to high g-force. The bottle centrifuge, being operated at the lowest g-force is less 

efficient. Nonetheless, this technique ensures 100% cell viability for all algal species that were 

evaluated. Depending on the type of algal species, the optimal centrifuge system is selected as 

high g-force may cause cell lysis [175]. Most large-scale centrifuges operate at 5000-10,000 g-

force and are capable of achieving 95% harvesting efficiency under good operational 

conditions. The decanter type centrifuge is the optimal centrifuge for the mass harvesting of 

microalgae biomass, as it doesn’t require to stop regularly and clean manually like the batch 

type centrifuges [154]. High solid fractions, along with the continuous discharge of the product 

can be achieved through decanter type centrifuges [176]. 22% of TSS is possible to obtain 

through decanter type centrifuge [154]. However, a study found that the decanter type 

centrifuge is not suitable for Chlorella sp, which is a commonly grown and commercially 

important species [176]. The microalgal cells are exposed to high shear and gravitational forces 

during centrifugation that may impair the cell structure, resulting in the loss of valuable 

materials. A study found that for a feed rate of 1 L min-1, the energy consumed during 

microalgae harvesting through centrifugation is 8 kWh m-3 of microalgae suspension. However, 

energy consumption can be reduced by 10-fold if the feed rate is increased to 18 L min-1, but 

this will result in low harvesting efficiency [177]. 

2.8.1.3 Flotation 

The recovery of biomass via flotation is mainly dependent on the low density of 

microalgae, as the low density of microalgal cells facilitates them to float upwards more easily 

and rapidly than to sediment downwards [149]. Some cyanobacteria such as Anabaena, 

Microcystis, and Spirulina possess gas vesicles which facilitates them to float naturally [149]. 

Although some microalgae float naturally due to its low density or presence of gas vesicles, 

the incorporation of air bubbles in the medium can also help in promoting flotation [158]. 

Studies found that for most of the microalgal species, recovery of microalgal biomass through 

flotation is relatively fast in comparison to sedimentation [158]. In most cases, like the 

sedimentation process, flocculants are required to be added to make the flotation effective 
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[178]. A study found that large flocs produced by combining organic and inorganic polymers 

facilitated flotation of marine microalgae, Isochrysis galbana [179]. Flocculation flotation 

favours over sedimentation for the recovery of microalgal biomass because of the low density 

of microalgal flocs as compared to microalgal cells [180]. 

Based on the technique of bubble production, flotation processes are classified as froth 

flotation, dispersed air flotation, dissolved air flotation, and electrolytic flotation [154]. Froth 

flotation is a promising approach for commercial-scale harvesting of microalgae. However, all 

the surfactants employed for froth flotation are conventional monomeric surfactants containing 

a single similar hydrophobic group in the molecule, which leads to low harvesting efficiency. 

Dissolved air flotation (DAF) involves the generation of air bubbles that range in size from 10 

µm  to 100 µm with a mean size of 40 µm [178]. In countries such as the USA, usually, 

chemical coagulation is followed by dissolved air flotation for the purification of effluent 

instead of harvesting microalgal biomass [181]. It was reported in a study that a high quantity 

of alum (0.3 g L-1) enables the recovery of microalgae from pig slurry [182]. Although the 

dissolved air flotation process is an efficient harvesting option, it requires high pressure making 

the process more energy-intensive [183]. 

The electro-flotation process is not considered as the optimum method for harvesting 

microalgae as the method is effective only at a bench scale, and moreover, the process is an 

energy-intensive one like the DAF [165]. Research suggested that electro-flotation process is 

more effective in marine water than freshwater [180]. Quantum Fracturing™ is a method 

developed by Origin Oil that applies pulsed electromagnetic fields and modified pH to fracture 

the microalgal cells and release the microalgal lipids to the surface, and letting the remains of 

microalgal biomass to settle out [184]. The University of Sheffield applied fluidic oscillation 

to develop an energy-efficient method for generating micro-bubbles [185]. Recently it has been 

seen that micro-bubbles produced by fluidic oscillation are being able to harvest microalgal 

biomass from growth medium effectively [183]. However, more research must be carried out 

to make it practically feasible to harvest large-scale microalgae through energy-efficient micro-

bubbles [160]. Flotation of microalgal biomass with the aid of small bubbles requires high 

energy and operational costs. The cost involved in the flotation process in which the flocculant 

needs to be added may be the same as or greater than the cost involved during the centrifugation 

process [174]. Research still needs to be carried out to scale-up the low-energy flotation 

techniques and make the flotation process economically and technically feasible. 
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2.8.1.4 Filtration 

The recovery of microalgal biomass by filtration involves a semi-permeable membrane 

that acts as a filter to separate solid from liquid. This semi-permeable filter is comprised of 

pores smaller than the cells being retained, allowing selective passage of substances smaller in 

size than the pores of the filter. Membrane filtration processes mainly involve two flow 

configurations: dead-end and tangential flow. In case of dead-end membrane filtration, the flow 

is perpendicular to the membrane surface. Dead-end filtration is generally a batch process, 

where cartridge filtration, vacuum drum filters, and horizontal filter press are the three common 

technologies that work in dead-end mode. In tangential membrane filtration, the flow is 

tangential to the membrane surface. Tangential flow filtration (TFF) consists of synthetic semi-

permeable membranes with pore sizes ranging from a few Angstroms to a few Microns. Based 

on the pore size of the membrane, the membrane filtration is classified as microfiltration, 

ultrafiltration, nanofiltration, and reverse/forward osmosis [186].  

Harvesting of microalgae through membrane filtration is usually carried out within the 

ultrafiltration-microfiltration range [187]. The forward osmosis membrane process is the 

optimum membrane filtration technique for the harvesting of microalgal biomass from dilute 

media as it also helps to reduce power consumption [188]. Membrane filtration follows a 

common rule of thumb, according to which a membrane filtration must have a pore size 10-20 

times smaller than the cells that are to be retained [150]. Research by Rossi et al. (2004) found 

that ultrafiltration membrane performs better than microfiltration membranes at steady-state 

permeance [189]. On the other hand, some researchers concluded that applying an 

ultrafiltration membrane is pointless, as lower initial fluxes and higher operating pressures 

overshadow better performance [190]. Drawbacks of using membrane filtration include 

membrane pore blocking, cake formation, and adsorption of gel-flocculants such as EOM. 

Fouling can be reduced by back-flushing [191], membrane surface modification, addition of 

coagulants, dynamic filtration, and shear enhancement [192]. The PES/MWCNT-1/LiBr-5 

membrane developed by thermally induced phase separation process exhibited high porosity 

and hydrophilic nature, which contributed to remarkable algae permeation and anti-fouling 

properties, respectively [193]. Polymeric and ceramic membranes are most commonly used to 

recover a wide variety of microalgae, although polymeric membranes are mostly preferred 

because of their low-cost. Filtration is a highly efficient and chemical-free process. The cell 

integrity remains undisturbed; hence, this harvesting technique is applicable for shear-sensitive 

species. Moreover, the process allows the reusability of the medium. The filtration process is 
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non-toxic and thus, is well suited for human and animal food applications. However, high 

operational costs due to pumping requirements and the high tendency of membrane fouling 

along with low membrane selectivity are the underlying weaknesses of this process [26]. 

2.8.2 Chemical method 

Chemical method employs inorganic and organic flocculants to harvest microalgal 

biomass. In all the approaches of flocculation, small algal cells suspended in the growth 

medium are combined to form large aggregates followed by the accumulation of aggregates 

into bigger flocs [157]. Flocculation is usually used in combination with other harvesting 

techniques [21]. The settling rate can be enhanced through flocculation as it results in the 

aggregation of microalgal cells, thus increasing the size of the particles [25]. Flocculation being 

able to settle huge quantities and a wide range of microalgae becomes a superior technique to 

harvest algae [165]. Aggregation of microalgal cells require the negatively charged cell surface 

to be neutralized by the addition of flocculants [194]. Charge dispersion is the concept followed 

by the flocculation method [195]. This harvesting method specifically causes ionic interaction 

between cells and flocculants, and salts existing in the growth medium [196].  

2.8.2.1 Inorganic flocculation 

Inorganic chemicals possessing multivalent cations such as ferric chloride, ferric 

sulfate, and aluminum sulfate are the most widely used inorganic flocculants. The addition of 

iron or aluminum-based inorganic flocculants either reduces or neutralizes the negative charge 

attributed by the COOH terminal on the microalgal cell surface [60]. Dissolution of cationic 

salts in the growth medium releases its respective cations, which neutralizes or reduces the 

electrostatic force of repulsion between the algal cells, enabling the cells to form large flocs 

[195]. The flocculation efficiency of a flocculant is determined by its ionic strength. Therefore, 

ferric chloride and aluminum sulfate having trivalent cationic salts are the most widely used 

flocculant as compared to divalent cationic salts [181]. 

Chlorella cells were more efficiently flocculated by the addition of aluminum salts in 

comparison to ferric salts [197]. With respect to optimal flocculant dose, pH, and quality of the 

resultant medium, alum was found to be superior to ferric salt. The high solubility of chloride 

at a wide concentration range enables the salt to attain maximum flocculation efficiency as 

compared to sulfate salts [197]. Studies found that lower electronegativity of CaSO4, CaCl2, 

MgSO4, MgCl2, (NH4)2SO4, and NH4Cl salts resulted in lower harvesting efficiency [197]. 

TH-2569_156151002



  Chapter 2 

39 | P a g e  

 

Harvesting of biomass by inorganic flocculation is simple, fast, highly efficient, and 

economical as no energy is required. However, inorganic flocculants tend to have adverse 

effects on algal cells. It may also change the colour and modify the chemical composition of 

the algal growth medium, making it unsuitable for reuse [77]. Although inorganic flocculants 

such as iron and aluminum salts are relatively inexpensive compared to most synthetic organic 

flocculants, the higher concentration required to accomplish high flocculation efficiency 

ultimately increases the cost of harvesting. This also generates a huge quantity of sludge [48]. 

Inorganic flocculants work on specific microalgal species. Flocculation efficiency of inorganic 

flocculants is low in marine water, as it tends to coil in the high ionic environment; hence, 

inorganic flocculants are not suitable for harvesting marine microalgae [22]. 

2.8.2.2 Organic flocculation 

Organic flocculants are natural or synthetic polymers that are either branched or linear 

and carrying cationic, anionic, or non-ionic charges [198]. However, as the microalgal cell 

surface is negatively charged, the role of anionic or non-ionic flocculants becomes insignificant 

[165]. Unlike inorganic flocculants, organic polymer flocculants with varying physicochemical 

properties are highly efficient even in low doses of a few milligrams per litre, and they generate 

smaller sludge volume without consumption of alkalinity [165]. Polymeric flocculants such as 

cationic polymers possess the dual ability of coagulation and flocculation. Coagulation is 

defined as a process by which a stabilized particle is destabilized by addition of a chemical 

compound, i.e., coagulant. On the contrary, flocculation is the coalescence of separate 

suspended microalgal cells into larger loosely attached conglomerates [161]. Cationic 

polymers neutralize the negative charge carried on the microalgal cell surface and 

simultaneously binds to the surface of two or more algal cells, thus, forming a bridge among 

the destabilized particles [199]. 

In contrast to natural polymeric flocculants, synthetic organic polymeric flocculants 

(e.g. Polyacrylamide and its derivatives) release very toxic monomers such as acrylamide and 

ethyleneimine, which may cause potent neurotoxic effects [200]. However, the overall efficacy 

of synthetic versus natural polymers depends on several factors such as pH, salinity, biomass 

concentration, and algal organic matter (AOM) [201]. In general, non-toxic and biodegradable 

natural polymeric flocculants such as starch, cellulose, and chitosan have received more 

interest as compared to synthetic flocculants [202]. It has been reported that 30 ppm of cationic 

locust bean gum biopolymer could successfully harvest 97.42% of Scenedesmus sp. [203]. One 

of the major drawbacks of polymeric flocculants is that they fail to flocculate marine algae. 
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The high salinity of the sea and brackish waters leads to the shrinking of the polymers to a 

smaller size, thus, failing to bridge the algal cells [204]. The high ionic strength of the marine 

environment attributes to the incompetence of polymeric flocculants to flocculate marine 

microalgae [165]. Cationic polymers are found to be effective in flocculating microalgae when 

the salinity of the medium is less than 5 g L−1 [157]. Chitosan is a natural polymeric flocculant 

with enhanced cationicity and is efficient in flocculating both fresh and marine microalgae at 

low pH without contaminating the microalgal biomass [151]. However, chitosan requires high 

dose (20 mg L−1– 150 mg L−1) as compared to other synthetic flocculants and is too expensive 

to be used for industrial-scale [60]. Chitosan is replaced by cationic starch, which is not too 

expensive and pH-dependent; however, it works at higher concentrations [205]. Thus, organic 

flocculants can harvest a huge amount of biomass easily and efficiently with no energy input. 

However, its commercial application is hampered due to the high cost of organic flocculants. 

2.8.3 Biological methods 

2.8.3.1 Autoflocculation 

Among all the harvesting techniques, autoflocculation is the most inexpensive and eco-

friendly method, also the process holds good for reusing the medium [162]. A study found that 

high pH, usually above pH 9 induces autoflocculation [206]. In the case of a high pH-induced 

autoflocculation, the cell wall interacts with divalent cations [207]. Calcium and phosphate 

ions in the culture medium get supersaturated with the increase of pH, causing the 

neutralization of the negatively charged microalgal cells by the positively charged calcium 

phosphate precipitate [181]. However, a prerequisite amount of phosphate (0.0031–

0.0062 g L−1) and calcium (0.06–0.1 g L−1) is required to achieve autoflocculation at pH 8.5-9 

[208]. Some researchers have reported achieving 80% flocculation efficiency by replacing 

calcium and phosphate by the addition of lime [209]. Knuckey et al. (2006) obtained 97±2% 

settling efficiency at pH 10 for Scenedesmus. He observed that at pH 10, the flocs lead to the 

formation of a robust structure due to which high settling efficiency was obtained [210]. 

However, it is not fit for industrial-scale harvesting, as it is time-consuming, unreliable, and 

suits only a few microalgae species [162,163,211]. 

2.8.3.2 Bioflocculation 

Bioflocculation is a flocculation process where microalgal cells are flocculated with the 

assistance of flocculants that are of biological origins (plants, animals, microorganisms, etc.) 

[212]. Bioflocculants are macromolecular polymers produced by some species of higher plants 

(Moringa oleifera, Strychnos potatorum, Plantago ovata, Moringa stepolata, Jatropha curcus) 

TH-2569_156151002



  Chapter 2 

41 | P a g e  

 

and microorganisms such as bacteria, fungi, and some microalgae or their metabolites [55]. 

These microorganisms produce flocculating agents at certain stages of growth in a liquid 

medium. Flocculant production by these microorganisms is influenced by media composition 

and environmental conditions (temperature and pH). The major constituents of most 

bioflocculants are carbohydrates/polysaccharides, proteins, nucleic acids, polyphenols, and 

glycoproteins. Bioflocculants have functional groups such as carboxylic (-COOH), hydroxyl (-

OH), amino (-NH2), methoxy (ROCH3), and amide (RCONR2) groups that enable them to react 

with and flocculate microalgae in solution [212]. Table 2.3 details various bioflocculants used 

for recovering microalgal biomass. 
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         Table 2.3. Recovery of microalgal biomass by bio-flocculation. 
 

 

 

     Optical density (OD); Poly γ-glutamic acid (γ-PGA); Extracellular polymeric substances (EPS); Fungal spore-assisted (FSA); Fungal pellet-assisted (FPA)

Microalgae Bioflocculant Algal 

concentration 

Flocculant dose Process 

time 

R(%) Features Ref. 

Nannochloropsis 

sp. 

Mung bean (Vigna 

radiata) protein extract 

1.12 OD 

@540 nm 

20 mL L−1 2 h >92 (pH 2) Bioflocculant adds protein 

content in microalgal flocs 

[62] 

Chlorella vulgaris Aspergillus oryzae (FSA) - 1.2 × 104 spores 

mL-1 

- 92.2 (pH 4-5) Chance of fungal 

contamination 

[213] 

Chlorella vulgaris γ-PGA produced by 

Bacillus subtilis 

 1.2 g L−1 20 mg L−1 - 95 Affects microalgal cell 

integrity to some extent 

[214] 

Chlorella vulgaris Bacteria in seafood 

wastewater effluent 

20 mg L−1 240.0 × 106  

CFU mL-1 

- 92 Environment friendly [215] 

Pleurochrysis 

carterae 

EPS produced by tap 

water bacterial inoculum 

- - 30 min 90-93 Reusability of the medium [164] 

Desmodesmus 

brasiliensis 

γ-PGA produced by 

Bacillus licheniformis 

 0.5 g L-1 2.5 mg L−1 1 min ≥98 Biochemical composition 

of biomass remains intact 

[63] 

C. reinhardtii Proteins extracted from S. 

bayanus var. uvarum 

1 OD @660 

nm 

0.1 mg mL− 1 180 min 95 (pH 7.5) Depends on extracted 

protein concentration 

[216] 

Chlorella sp. Moringa oleifera seed 17× 106  cells 

mL-1  

0.01 g L-1 30 min 95 (pH 6.9-

7.5) 

Economically viable [217] 

Chlorella sp.  Penicillium sp. (FSA) - 1.1 × 104 spores 

mL-1  

28 h  99 (pH 7) Requires high glucose input [218] 

Chlorella sp. Pleurotus ostreatus 

(FPA) 

- 10 g (wet 

weight) 

150 min 64.86 Harvested biomass can be 

used for feed or food 

production 

[219] 
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Plant-Based Flocculants 

The application of plant derivatives as bioflocculants is widely recognized for 

wastewater treatment [220]. Plant-based flocculants are currently gaining attention in 

microalgal harvesting owing to its low-cost, availability, non-toxicity, biodegradability, 

renewability, and environmental friendliness. Some plant species have bioactive coagulating 

agents in various sections such as seeds, leaves, and roots. These bioactive agents can be used 

as bioflocculant either in crude or purified form for harvesting microalgae. M. oleifera seed 

powder was able to flocculate 93.8% of Nannochloropsis oculata at a flocculant concentration 

of 4 g L-1 [221]. In a comparative study, Ali et al. (2019) compared the flocculation efficiency 

of four different seeds - de-oiled Jatropha curcus, Azadrichta indica, M. oleifera, and 

Conocarpus erectus, with a chemical flocculant (alum) for harvesting mixed microalgal species 

from domestic wastewater [222]. Among all the flocculants, powdered seeds of Azadrichta 

indica were able to achieve a maximum harvesting efficiency of 97.9% at a concentration of 

0.1 g L−1, mixing speed of 100 rpm, pH 9, and incubation period of 10 min. In another study, 

a constant dose (0.15 g L-1) of M. oleifera seed powder was used to flocculate Chlorella sp. at 

three different pH values (9, 10, 11). Maximum flocculation efficiency was obtained at pH 11, 

suggesting that its efficacy is pH dependent [223]. The authors reported that at pH 11, the 

amino acid components of the flocculant were ionized into carboxylic and proton ions, which 

further reacted with negatively charged cell surfaces of Chlorella sp., thus resulting in 

flocculation. 

Bacteria-based flocculants 

In bacteria-mediated flocculation, microalgae flocculate with the help of the 

extracellular polysaccharides (EPS) and gamma glutamate that are secreted by bacteria [224]. 

Charge neutralization, electrostatic patching, or bridging are the mechanisms involved in 

bacteria-mediated bioflocculation, where the bioflocculants (EPS and gamma glutamate) with 

positively charged functional groups aggregate with the negatively charged microalgal cells 

[225]. The flocculation efficiency of bacteria-based flocculants depends on the quantity of EPS 

secreted by bacteria, attachment capacity between microalgae and polymers, and growth phase 

of the bacteria [157]. Uronic acids and pyruvic acids are the most commonly involved EPS 

during bioflocculation [226]. Poly γ-glutamic acid produced by Bacillus 

licheniformis CGMCC 2876 was successful in harvesting Desmodesmus sp. F51 with a 
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recovery efficiency of 92% [227]. Bacillus subtilis rich in poly γ-glutamic acid (19–22 mg L−1) 

was successful in harvesting 95% and more than 90% of C. vulgaris, C. protothecoides and N. 

oculata LICME 002, P. tricornutum, respectively [214]. Thus, poly γ-glutamic acid facilitated 

bioflocculation proved to be an efficient harvesting method as it does not interfere with the cell 

integrity and the lipid content of the biomass. In another study, a bioflocculant FLC-hn06 

extracted from the bacterium, Streptomyces sp. hsn06 showed a flocculation efficiency of 93% 

for Chlorella vulgaris at a concentration of 0.02 g L−1 [228]. Microorganisms involved in 

bioflocculation may even add on to the total lipid content [229]. Flocculants extracted from 

bacteria reduce the cost of harvesting to a great extent by eliminating the need for chemical 

flocculants. However, during bacteria mediated flocculation, there is a chance of bacterial 

contamination. Hence, the microalgal biomass harvested through this process is not safe for 

food applications. 

Fungi-based flocculants 

A symbiotic relationship was observed between microalgae and fungi. The fungi 

uptakes the nutrients especially exuded polysaccharides produced by microalgae during the 

photosynthetic process, and in return, the algae is protected from the external environment by 

the fungal filaments, which also holds the culture medium, thus, providing a large area for 

nutrients [230]. The self-pelletization process of filamentous fungal species can be elucidated 

by either coagulative or non-coagulative methods [231]. In coagulative process, the spores 

aggregate with microalgae to form pellets. Aspergillus sp., Basidiomycete sp. 

and Phanerochaete sp. flocculates microalgae through a coagulative method by forming dense 

spherical aggregates [231]. Whereas, in non-coagulative process, the hyphae germinated from 

the spores interlinks to form aggregates. The fungal strains such as Rhizopus sp., Mucor sp., 

and Penicillium sp. flocculates microalgae through a non-coagulative process [231]. These 

non-coagulative pellet strains have lower hydrophobicity, shorter germination period, and 

higher growth rate as compared to coagulative pellet strains. These properties of non-

coagulative pellet strains retard the spore aggregation rate and time, thereby allowing the spores 

to germinate first and then form pellets [232,233]. It has been reported that Rhizopus arrhizus 

and Mucor rouxii spores germinate after 5 h of cultivation, whereas A. niger spores germinate 

after 8–10 h of cultivation [234–236]. Fungus-mediated flocculation does not require any 

additional energy or chemicals to be added, thus, making the harvesting process sustainable. 

However, this harvesting process is unreliable, as the process of flocculation is uncontrolled. 

High chances of fungal contamination stand as the major drawback of this harvesting 
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technique. Moreover, bioflocculation requires relatively high organic carbon source to cultivate 

autoflocculating microorganisms (such as algae, bacteria, and fungi) for flocculating 

microalgae. 

2.8.3.3 Factors influencing microalgal flocculation 

The characteristic of microalgal cell surfaces plays a key role in flocculation. Moreover, 

these characteristics of cell surfaces differ among the species and vary within a species based 

on culture conditions. Smaller algal cells require higher flocculant dosages to be harvested 

when compared to the larger cells of the same amount because the ratio of the microalgal cell 

surface to biomass decreases with increasing cell size [237]. Flocculation is also influenced by 

the varying biochemical composition of the algal cell surface [238]. The pH of the growth 

medium plays an important role in flocculation by not only altering the charge of an algal cell 

surface but also of chemical flocculants. Furthermore, a large amount of AOM consisting of 

proteins and polysaccharides is often excreted in the growth medium. These organic matters 

may interact with flocculants and thus, inhibit flocculation of algal cells [239]. The protein 

excreted in the medium forms complexes with the cationic ions of most chemical flocculants, 

whereas polysaccharides interact with the cationic flocculants, thus, making the flocculants 

unavailable for flocculating microalgal cells. The algal growth phase plays a leading role in 

flocculation as the pH of the culture medium, dissolved carbon dioxide, zeta potential, and 

algal cell size varies significantly throughout the growth period [157]. As these factors tend to 

vary with the algal growth, it is difficult to obtain the optimum flocculant dose. The polymer 

dosage plays a vital role in flocculation. Weak polymer bridging may result if the polymer 

dosage is less than the optimum amount, and the potential of bridging may be impaired due to 

electrostatic hindering if the dosage is too high [157]. Therefore, among all the growth phases, 

the stationary phase is found to be advantageous as the cellular metabolic activity, zeta 

potential, and cell mobility is lowered, and intercellular interactions are raised [53].  

2.8.4 Electrical based harvesting techniques 

Electro-flocculation is a physicochemical process where an anode such as iron or 

aluminum releases metal cations that induce coagulation [165]. In the process of electro-

flocculation, flocculants are not required, and the only requirement is an electricity supply 

[240]. In this process, the electrodes are positioned vertically in the medium, the negatively 

charged microalgae move towards the positively charged anode, resulting in charge 

neutralization and enabling to form aggregates [166]. Electroflotation follows the same 
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principle as electroflocculation in which the anode is an active metal. Recently, electro-

coagulation-flotation (ECF) process came to limelight as an alternative to the coagulation 

process, in which the hydrogen bubbles generated through water electrolysis at the anode are 

coupled with the electrocoagulation process at the cathode [241]. 

Electrical based harvesting technique applies two types of electrodes, sacrificial and 

non-sacrificial [165]. In the case of sacrificial electrodes, the metal ions are released from the 

active anode to the culture broth based on the current intensity of the electrolytic solution. The 

released cationic metal ions then destabilize and aggregate the anionic microalgal cells [165]. 

The cationic ions that are released from the anode are not toxic as compared to chemical 

coagulants [242]. However, in the case of non-sacrificial electrode, the negatively charged 

microalgal cells move towards the anode. Once the microalgal cells reach the anode, they 

destabilize and aggregate. The use of non-sacrificial electrodes leads to fouling. The material 

of the electrodes influences the efficiency of the electrical-based harvesting process. In this 

harvesting process, electrodes are most commonly made of aluminum and iron. As compared 

to aluminum electrodes, iron electrodes have lower current efficiency due to which iron 

electrodes dissociate to a lower extent resulting in lower harvesting efficiency [157]. Moreover, 

ferric electrode consumes more energy and ferric oxide formation results in browning of slurry. 

So, the aluminum electrodes have received more attention as compared to iron electrodes [157]. 

Current density is inversely proportional to the harvesting period and plays a key role 

in electroflocculation. With the increase in current density, more cationic metal ions are formed 

at the anode by oxidation, thus, improving the harvesting efficiency by decreasing the time 

required for harvesting [157]. However, energy consumption increases with the increase of 

current density. Gao et al. (2010) found that energy consumption increased from 0.2 kWh m−3 

to 2.28 kWh m−3 when the current density was increased from 0.5 mA cm−2 to 5.0 mA cm−2 

[241]. Thus, achieving efficient harvesting with a high current density is impractical without 

maintaining an equilibrium between current density and energy consumption [157]. Mixing 

and settling were carried out post electroflocculation to reduce energy consumption. Mixing 

increases the probability of cell contact and allows the cells to aggregate [157]. On the other 

hand, higher harvesting efficiency with lower settling time was achieved when flotation was 

carried out post electroflocculation [243]. With the rise of process temperature, cell collision 

and their transportation rate tend to increase [241]. In a harvesting experiment conducted by 

ECF technology, an increase in harvesting efficiency from 46% to 98% was observed with the 

rise in temperature from 18 °C to 36 °C [241]. An increase in process temperature also helps 

TH-2569_156151002



  Chapter 2 

47 | P a g e  

 

in reducing the electrolysis time as it enhances the dissolution rate of metal ions [157]. 

Therefore, the reduction of electrolysis time helps to reduce the process energy consumption. 

As there is little chance of flocculant contamination, the harvested biomass is safe for the use 

of animal feed or food [166]. However, electroflocculation tends to contaminate the algal slurry 

with the residual metals released from metallic electrodes during the process. Since these trace 

metals may impair the value of the end products, further processing may be required [244]. The 

high power density involved in this harvesting process may impair cell integrity. There is also 

a high chance of cathode fouling. Thus, electro-flocculation being a power-induced process 

with high electrophoretic equipment cost, fails to be applicable for large-scale.  

2.8.5 Magnetic particle assisted harvesting 

In recent years, magnetophoretic separation of microalgae has gained much attention 

due to its potential over traditional harvesting techniques. Magnetic particles assisted 

harvesting is based on a simple separation method in which micro- or nano-sized magnetic 

particles are adsorbed by the suspended microalgal cells [245]. The magnetic particle tagged 

cells are recovered based on their intrinsic paramagnetic movement owing to the external 

magnetic force [246]. An ideal magnetic particle should be cost-effective, non-toxic, stable, 

reusable and must possess high adsorptive power for efficient harvesting. 

Microalgal harvesting is generally carried out by two types of magnetic particles, naked 

and surface functionalized. In the case of naked magnetic particles, electrostatic interactions 

between the negatively charged algal cells and positively charged magnetic particles allow the 

microalgal cells to be harvested [247]. Naked magnetite synthesized by different methods was 

found to be successful in harvesting both marine and freshwater microalgal cells [245]. Among 

various magnetic nanoparticles, Fe3O4 particles were successfully used for recovering a wide 

range of microalgal strains owing to its specific surface area and super-paramagnetism [248]. 

Researchers found that up to 95% of harvesting efficiencies can be obtained for freshwater 

microalgal species Botryococcus braunii and Chlorella ellipsoidea, and the marine species 

Nannochloropsis maritima using Fe3O4 nanoparticles synthesized through chemical co-

precipitation [248,249]. Relatively high harvesting efficiency was attained with naked iron 

oxide magnetic microparticles (IOMMs), as IOMMs releases cationic Fe ions from its surface, 

which acts as flocculant, thus, facilitating the harvesting process [247]. However, the chance 

of biomass contamination with the released metal ions is one of the major disadvantages of this 

harvesting process [168].  
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As the surface charge of uncoated magnetic particles is pH-dependent with an 

isoelectric point of around 7, the uncoated surface needs to be functionalized with cationic ions 

to enhance the harvesting efficiency [250]. In case of surface functionalized magnetite, there 

are two strategies for tagging polyelectrolyte, “attached-to” and “immobilized-on” strategy. In 

the “attached-to” approach, the surface of microalgal cells is coated with a polymer binder that 

helps attach with the magnetic particles. In case of “immobilized-on” strategy surface of the 

uncoated magnetic particles are functionalized with a polyelectrolyte that aids the binding with 

the algal cells [251]. A higher harvesting efficiency was attained with an equivalent dose of 

particles in the “immobilized-on” approach compared to the “attached-to” approach owing to 

the superior distribution and colloidal stability of the “immobilized-on” particles [252]. Thus, 

the “immobilized-on” strategy is widely used.  

The “immobilized-on” approach based chitosan-Fe3O4 nanoparticle composites were 

able to harvest 99% of Chlorella sp. KR-1 without altering the culture medium pH. Moreover, 

this magnetophoretic process showed the potential for reducing the cost of algal fuel production 

by recycling the harvested medium without any adverse effects on algal cell growth [253]. In 

another study, recyclable aminoclay-nanoscale zero-valent iron (nZVI) composite was able to 

harvest ∼100% Chlorella sp. KR-1 within a short time of 3 min at a > 20 g L−1 loading of the 

composite under an external magnetic field [125]. Similarly, BaFe12O19 particles functionalized 

by (3-aminopropyl)triethoxysilane (APTES) harvested 99% of Chlorella sp. KR-1 and after 

harvesting, the detachment efficiency of BaFe12O19 particles from algae-particle conglomerates 

was found to increase proportionally with the size of magnetic particles [254].  

This harvesting approach is highly efficient, eco-friendly, requires low energy, and 

enables the medium along with the nanoparticles to be reused. However, the process requires 

a high dose of magnetic nanoparticles. These nanoparticles are expensive and require special 

equipment for recycling them. 

2.9 Biomass as a Precursor for Carbon-Based Catalyst  

A huge amount of biomass residues are generated following human agricultural 

activities such as harvesting and oil extraction. These residues usually have a poor commercial 

value, and their potential is often being ignored. In recent years, several researchers have been 

exploiting low-cost biomass by converting it into value-added products through various post-

processing processes. Biomass waste is a sustainable source that can be converted into a porous 

carbonaceous material for catalyst synthesis. Biomass-based catalysts are non-toxic, 
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biodegradable, and possess a higher surface area than conventional catalysts [87]. Shu et al. 

(2009) were among the first to use vegetable oil asphalt as the biomass source for producing 

carbon support [255]. Since then, many researchers have focused on developing high-

performance biomass-based catalysts for a variety of applications, such as esterification and 

transesterification of vegetable oils for biodiesel production. 

2.10 Biomass-Derived Heterogeneous Catalyst in Biodiesel Production 

Conventional homogeneous acid and base catalysts used in biodiesel production 

industries consume a large amount of energy during the separation process and corrodes the 

processing equipment [87]. Heterogeneous catalysts exist in different phases than the reactants, 

generally as solid in aqueous reactants. Therefore, a heterogeneous catalyst is considered a 

better choice over a homogeneous catalyst because of its ease of separation and anti-corrosion 

properties. The synthesis routes of conventional heterogeneous catalysts involve several 

complicated synthesis steps and expensive raw materials. On the other hand, the synthesis 

routes of biomass-derived heterogeneous catalysts are sustainable, as it require very low-cost 

raw materials and involves low capital and operating cost [256]. Therefore, biomass waste 

serves as a sustainable alternative for the synthesis of a heterogeneous catalyst. The efficiency 

of the biomass-derived catalyst is influenced by the chemical and physical properties of the 

biomass, such as biomass composition and cell structures [257]. For instance, the presence of 

a large quantity of protein and nitrogen atoms in the biomass has been reported to interfere 

with the pore development in the carbon precursor during carbonization [258]. 

2.10.1 Transesterification reaction by heterogeneous base catalysts 

Biomass is generally converted into a heterogeneous base catalyst for biodiesel 

production through two main pathways. Biomass can be directly converted into a base catalyst 

such as calcium oxide through thermal treatment [259,260]. Biomass can also be transformed 

into supporting material such as silica support or activated carbon for the attachment of basic 

active compounds such as CaO, alkali metals, KOH, NaOH, etc. [87,261,262]. Alkaline earth 

metal oxide, especially CaO, possesses high basic strength and exhibits a high catalytic activity 

for biodiesel production. The CaO catalyst can be synthesized through the calcination of 

calcium carbonate at a high temperature [87]. The decomposition reaction from CaCO3 to CaO 

is shown in equation (1.1). 

𝐶𝑎𝐶𝑂3 → 𝐶𝑎𝑂 + 𝐶𝑂2                                                                                                                  (1.1) 
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2.10.1.1 Direct conversion of biomass into base catalyst 

Mucino et al. (2014) synthesized CaO catalyst from CaCO3 rich sea sand through 

calcination at 800 °C for 2 h. FAME yield of 95.4% was obtained from cooking oil using 7.5 

wt.% of CaO catalyst [263]. CaO catalyst synthesized by calcination at 900 °C also resulted in 

biodiesel yield and conversion above 97% [87,259]. In general, the particle size of CaO derived 

catalyst varies in the micrometer range with a smaller surface area [87]. Teo et al. (2017) 

successfully synthesized waste eggshell-derived superbasic CaO nanocatalyst through 

surfactant assisted precipitation method. The surface area of the CaO nanocatalyst (22.31 m2 

g-1) was found to be much higher than the commercial CaO (7.29 m2 g-1) [264]. 

A novel CaO catalyst derived from Turbonilla striatula waste shell doped with 1% of 

BaCl2 solution achieved FAME conversion above 98% at 60 °C reaction temperature, 8 h 

reaction time, and 6:1 methanol to oil ratio. The study found that CaO catalyst doped with 

metal ions increased the basicity of catalyst from 0.1 mmol g-1 to 0.2375 mmol g-1 [265]. In 

another study, Mansir et al. (2018) achieved a FAME yield of 90% in 3 h using Gallus 

domesticus shells derived CaO catalyst doped with molybdenum and zirconium (Mo-Zr). 

Moreover, it was observed that the CaO catalyst doped with Mo-Zr oxides reduced the leaching 

of Ca+2 ions and improved the reusability of the catalyst [266]. 

2.10.1.2 Synthesis of biomass as supporting material for base catalyst 

Direct conversion of biomass into base catalyst involves basic oxide synthesis, such as 

CaO catalyst derived from biomass through calcination. However, the standalone application 

of CaO catalyst has several limitations, such as low surface area and is easily deactivated by 

moisture [87]. To overcome these problems, ash and activated carbon have been widely used 

as supporting material for base catalyst. Ash is generally produced as a residue after the 

combustion of organic compounds. Rice husk ash and coal fly ash are the two most commonly 

used supporting materials for base catalyst [267,268]. Chen et al. (2015) developed low-cost 

catalyst support for CaO by calcining rice husk at 800 °C to produce rice husk ash. Meanwhile, 

the CaO was produced from the calcination of the eggshell at 400 °C for 4 h. A maximum 

FAME yield of 91.5% was achieved using rice husk ash-supported CaO catalyst at 7 wt.% 

catalyst loading, 9:1 methanol to oil ratio, 65 °C, and 4 h reaction time [267]. 

In addition to supporting material for CaO, ashes are also widely used as catalyst 

support for alkali metals. Hindryawati et al. (2014) used silica-rich rice husk as support for 

alkali metals such as lithium (Li), sodium (Na), and potassium (K). The inert property, along 
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with the ability to create better dispersion of active sites, makes amorphous silica a good 

supporting material. The process was able to transesterify used cooking oil to FAME in the 

range of 96.5–98.2% in 1 h for all three Li, Na, and K silicate catalysts [262]. In another study, 

Buasri et al. (2011) produced activated carbon from palm shell and used as alkali earth metal 

support. However, the supported alkali earth metal catalyst resulted in a slightly lower FAME 

yield as compared to commercial CaO catalyst with the same catalyst amount (10.5 wt.%) 

[269]. One of the major drawbacks of base catalyst is that it is not suitable for simultaneously 

esterification and transesterification reaction of oils with high free fatty acids. Table 2.4 

summarizes the base catalyst synthesized from different biomass sources and their respective 

optimum biodiesel production reaction conditions. 
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Table 2.4. Transesterification reaction by using biomass-derived heterogeneous base catalyst in biodiesel production. 

 

 

 

 

Biomass Type of CaO-

based 

catalyst 

Oil feedstock Temperature 

(°C) 

Alcohol 

to oil 

molar 

ratio 

Reaction 

time (h) 

Catalyst 

Loading 

(wt.%) 

Yield 

(Y)/Conversion 

(C) (%) 

Reusability 

(cycles) 

Ref 

Obtuse horn shell

  

Waste CaO Refined Palm 

Oil 

- 12:1 6 5 Y= 86.75 3 [260] 

Barnacle Waste CaO Waste catfish 

fat 

65 12:1 3 4 C= 97.20 4 [270] 

Chicken manure Waste CaO Waste 

cooking oil 

65 15:1 6 7.5 Y= 90.80 2 [271] 

Eggshell Doped CaO Mesua 

Ferrea 

L. seed oil 

65 10:1 4 5 C= 94.00 2 [272] 

Snail shell Waste CaO Waste 

soybean oil 

60 6.03:1 8 2 Y= 87.28 

C= 99.58 

- [273] 

Quail eggshell Waste CaO Sunflower oil 60 10.5: 1 2 2 Y= 99.00  3 [274] 

Mud clam shell Waste CaO Crude Castor 

Oil 

60 14:1 2 3 Y= 96.70 5 [275] 

Meretrix venus shell Waste CaO Palm oil 60 12:1 2 10 Y= 92.30 - [276] 

Rice husk ash, egg 

shell 

Rice husk ash 

supported CaO 

Palm Oil 65 9:1 4 7      Y= 91.5 8 [267] 

Flamboyant pods Activated 

carbon 

supported KOH 

Rubber seed 

oil 

55 15:1 1 3.5 Y= 89.81 - [261] 
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2.10.2 Transesterification reaction by heterogeneous acid catalysts 

Activated carbon prepared from various carbon sources has been widely used to 

synthesize sulfonated carbon-based catalysts through the direct sulfonation method. Direct 

sulfonation using concentrated H2SO4 is the most simplest and commonly used sulfonation 

method among all the existing acid catalyst preparation techniques. The direct sulfonation 

method does not require any complicated pretreatment, thereby making the process economical 

[277]. Ezebor et al. (2014) synthesized heterogeneous acid catalysts by partial carbonization 

and sulfonation of sugarcane bagasse and oil palm trunk for biodiesel production. The FTIR 

bands at about 1160 cm−1 and 1030 cm−1 indicated the stretching vibrations of –SO3H and S=O, 

respectively, which confirmed the successful attachment of SO3H. FAME yield of 94.34% and 

93.36% was obtained for palm trunk and bagasse-derived catalysts, respectively. The study 

reported that the catalytic activity of palm trunk and bagasse-derived catalysts were comparable 

with the conventional sulfated zirconia catalyst which produced a 90% yield of methyl 

palmitate under the esterification reaction between methanol and palmitic acid [256]. Zong et 

al. (2007) reported that the catalytic activity of the sulfonated carbon-based catalyst for 

biodiesel production is much higher than that of sulfonated zirconia, as the former possess 

higher acid site densities [278]. In another study, Zeng et al. (2014) obtained a highest FFA 

conversion of 90.2% using a strong solid acid catalyst synthesized through partial carbonization 

and sulfonation of agricultural bio-waste peanut shells [279]. The carbonization and 

sulfonation processes are reported to be rapid and energy-efficient for low molecular weight 

biomass such as corn straw, yellow horn hulls, and bagasse as compared to complex molecular 

weight biomass such as peanut shell, jatropha hulls, biochar, cassava stillage residue, and 

corncob residues [277]. 

Ezebor et al. (2014) studied the effect of sulfonation time on the catalytic activity of 

palm trunk and bagasse-derived catalysts. The total acid density of catalysts and biodiesel yield 

was found to increase with the increase in sulfonation time from 2 h to 6 h. However, a marginal 

effect on sulfonic acid density was observed on increasing the sulfonation time beyond 6 h 

[256]. Zhou et al. (2006) on the other hand, obtained a maximum FAME conversion of 98.4% 

using carbon-based heterogeneous acid catalyst derived from bamboo with only 2 h sulfonation 

time. However, the process required a higher esterification temperature (90 °C) to maximize 

the FAME yield [280].  

Apart from direct sulfonation using concentrated H2SO4, some special sulfonating 

agents such as fuming sulfuric acid, 4-benzene diazoniumsulfonate (4-BDS), p-tolunesulfonic 
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acid (PTSA), sulfur trioxide, and chlorosulfonic acid can also sulfonate carbonaceous materials 

[87]. Liu et al. (2013) had successfully synthesized solid acid catalyst by sulfonating 

carbonized corn straw with fuming sulfuric acid (50 wt.% SO3). They obtained a FAME yield 

of 92% at 60 °C reaction temperature for 4 h with methanol: oil molar ratio of 3 and catalyst 

concentration of 3 wt.% [78]. Katsner et al. (2012) achieved biodiesel conversion of 97% using 

wood chip-derived carbon-based solid acid catalyst, which was sulfonated using gaseous sulfur 

trioxide [281]. In another study, Wang et al. (2013) had functionalized the carbonized sawdust 

with p-toluenesulfonic acid (PTSA). The PTSA functionalized solid acid catalyst was able to 

esterify high acetic acid containing bio-oil with a conversion rate of 86.6% [282]. However, 

the carbonaceous materials need to be pretreated before adding a special sulfonating agent, 

making the process economically unsustainable in comparison to the direct sulfonation method 

using concentrated H2SO4 [277]. Table 2.5 summarizes the acid catalyst synthesized from 

different biomass sources and their respective optimum biodiesel production reaction 

conditions. 
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Table 2.5. Transesterification and esterification reaction by using biomass derived heterogeneous acid catalyst in the biodiesel 

production. 

 

 

Biomass Sulfonation method Oil feedstock Temperatur

e 

(°C) 

Alcohol to 

oil molar 

ratio 

Reaction 

time (h) 

Catalyst 

Loading 

(wt.%) 

Yield 

(Y)/Conversion 

(C) (%) 

Reusability 

(cycles) 

Ref 

Deoiled 

coconut meal 

In situ partial 

carbonization with conc. 

H2SO4 

Waste palm 

oil 

65–70 12:1 12 5 Y= 92.70 4 [283] 

Coffee residue Direct sulfonation 

(conc. H2SO4) 

Caprylic acid 60 3:1 4 5 Y= 71.5 5 [284] 

Durian peel 

residue 

Direct sulfonation 

(conc. H2SO4) 

Yeast lipid 65 10:1 1 9 Y= 78.73 4 [285] 

Corn straw Direct sulfonation 

(fuming sulfuric acid)  

Oleic acid 60 7:1 4 7 Y= 98 - [78] 

Oil palm trunk Direct sulfonation 

(conc. H2SO4) 

Waste Oil 130 1.17 mL 

min-1 

4 12 Y= 80.6 4 [256] 

Waste yeast 

residue 

Direct sulfonation 

(conc. H2SO4) 

waste 

cooking oil  

60 10:1 6 4 Y= 96.2 - [74] 

De-oiled waste 

cake 

Arylation/4-benzene-

diazonium sulfonate 

Oleic acid 64 20:1 10 3 C= 97 - [258] 

Sawdust 

 

Direct sulfonation 

(conc. H2SO4) 

Pongamia 

pinnatta oil 

85 1:9 2 2 Y= 95.6 

C= 64.5 

3 [84] 

Coconut shell Direct sulfonation 

(conc. H2SO4) 

Palm oil 60 30:1 6 6 C= 88.25 - [286] 
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2 2.11 Knowledge Gaps 

The above literature survey showed that there are significant reports on 

environmental stress induced lipid accumulation in microalgae; however, at the cost 

of reduced biomass content. Moreover, there are scanty reports on the change in fatty 

acid compositions of microalgae in response to stress and the correlation between 

stress-induced ROS and lipid accumulation. Therefore, it is necessary to develop a 

process and optimize stress conditions for obtaining enhanced microalgal growth and 

lipid accumulation. 

Cost-effectiveness plays a major role when a pilot scale experiment is 

upgraded for industrial scale applications. In the literature survey section, it was 

clearly observed that most of the harvesting techniques were quite a time taking 

processes and require high energy and operational cost, and does not support the 

reusability of the harvested medium. Therefore, it is necessary to develop a 

sustainable and efficient harvesting technique. 

Besides the high catalytic activity of the catalyst, the cost of the catalyst plays 

a vital role in shaping the economy of the overall process. Hence, catalysts with 

sufficient activity and low-cost are two important parameters for the sustainability of 

a catalytic process. As mentioned earlier, the conventional heterogeneous catalysts 

involve several complicated synthesis steps and expensive raw materials; therefore, 

biomass-derived heterogeneous catalysts are considered as a potential alternative. 

Though some of the heterogeneous catalysts used were synthesized from natural 

resources; however, scanty reports are available on the application of the catalyst for 

transesterification of microalgal oil. Hence, finding low-cost active catalysts always 

remains an indispensable research area for researchers working on catalysis. 

 

3 2.12 Objectives 

  The aim of the current research is to develop a sustainable microalgal 

biodiesel production system. Based on the above knowledge gaps the following 

objectives were selected. 

1. Isolation, characterization, screening and identification of potential 

microalgal strain for biodiesel production. 
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2. Process development and optimization of nutrient starvation for enhanced 

microalgal growth and lipid accumulation. 

3. Development of sustainable and efficient harvesting technique. 

4. Development and characterization of low-cost and eco-friendly catalyst for 

microalgal lipid transesterification to biodiesel. 
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3.1 Overview 

Microalgae accumulate a considerable amount of triacylglycerol when their cells are 

under nutrient-deficient conditions, making them one of the promising sustainable feedstock 

for biodiesel production. In this chapter, a novel microalgae, Tetradesmus obliquus KMC24 

was isolated and exposed to nutrient stress (nitrogen and/or phosphorus) for a short period via 

two-stage cultivation to obtain maximum biomass and lipid. The effect of nutrient starvation 

on the morphology, biomass concentration, photosynthetic activity, and biochemical 

composition of Tetradesmus obliquus KMC24 was evaluated. Few recent reports suggested 

that oxidative stress-tolerant microalgae are highly efficient for biofuel production. To study 

the role of oxidative stress due to nutrient deficiency, responses of various stress biomarkers 

like reactive oxygen species (ROS), cellular enzymatic antioxidants such as catalase (CAT), 

ascorbate peroxidase (APX), and non-enzymatic scavengers such as polyphenols were also 

determined. Further, the correlation between stress-induced ROS and cellular lipid 

accumulation was investigated using these nutrient-starved cells. The influence of nutrient 

starvation on the fatty acid composition of Tetradesmus obliquus KMC24 and subsequently on 

the biodiesel quality was also studied. 

 

3.2 Materials and Methods 

3.2.1 Microalgae isolation and growth conditions 

The water samples were collected from a drainage channel located in IIT Guwahati, 

Assam, India and inoculated in BG-11 medium. Individual microalgal strains were isolated 

through conventional serial dilution and plating methods [287]. The morphological 

identification of the strains was carried out by observing under a microscope (Axio Scope.A1, 

Zeiss, US). The pure algal culture was genetically identified via 28S rRNA gene partial 

sequencing (outsourced to Eurofins Genomics India Pvt. Ltd.) using the forward primer ITS1 

(5′-TCCGTAGGTGAACCTGCGG-3′) and the reverse primer as ITS4 (5′-

TCCTCCGCTTATTGATATGC-3′) [18]. NCBI BLAST (http://www.ncbi.nih.gov/BLAST) 

was used to carry out the homology studies of the partial 28S rRNA gene sequences of strain 

KMC24.  Subsequently, the analyzed sequences were submitted to NCBI Nucleotide database 

using the BankIt sequence submission tool (www.ncbi.nlm.nih.gov/BankIt) and an accession 

number was obtained for the same. Furthermore, the phylogenetic tree was constructed using 

Neighbor-Joining method by using MEGA 7.0 software (Molecular Evolutionary Genetics 
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Analysis tool) [288]. The strain was cultured in a BG-11 (ATCC Medium 616) containing 

NaNO3 (1.5 g L-1), K2HPO4 (0.04 g L-1), MgSO4·7H2O (0.075 g L-1), CaCl2·2H2O (0.036 g L-

1), C6H8O7 (0.006 g L-1),  (NH4)5[Fe(C6H4O7)2] (0.006 g L-1), EDTA (0.006 g L-1), Na2CO3 

(0.02 g L-1), and 1 mL trace metal mix. The trace metal mixture was comprised of H3BO3 (2.86 

g L-1), MnCl2·4H2O (1.81 g L-1), ZnSO4·7H2O (0.222 g L-1), NaMoO4·5H2O (0.39 g L-1), 

CuSO4·5H2O (0.079 g L-1), Co(NO3)2·6H2O (0.0494 g L-1). All the experiments were 

performed at 25 ± 2 °C under a light intensity of 70 µmol photons m-2 s-1 (approx.), a light: 

dark period of 16: 08 h, and constant aeration with atmospheric air for uniform mixing of the 

cultures. The pH of the culture was maintained in the range of 7.0 - 7.5 by sparging CO2 on-

demand along with the airflow. The chemicals and CO2 cylinder (purity 99.99%) were procured 

from HiMedia® and Assam Air Products Pvt. Ltd., India, respectively. 

 

3.2.2 Experimental conditions 

The experiments were carried out in batches in 500 mL flasks, which contained 300 mL 

of BG-11 culture medium. An inoculum (approximately 1 × 105 cells mL−1) with 10% v/v of 

actively growing microalgal cells was used. After 14 days of cultivation (at the late log phase), 

cells were centrifuged at 10,000 rpm for 15 min, and the harvested biomass was washed three 

times with deionized water. Harvested biomass was re-inoculated in nitrogen-free (-N), 

phosphorus-free (-P), both nitrogen- and phosphorus-free (-N-P) BG-11 medium and cultured 

for the next one, two, three, and four days to deliver nitrogen, phosphorus, and combined 

nitrogen and phosphorus starvation for one, two, three and four days respectively. In a similar 

experiment, 14 days grown culture was inoculated in a modified BG-11 medium containing 

0.5 g L-1 NaNO3, 0.01 g L-1 K2HPO4.3H2O (A), and 0.25 g L-1 NaNO3, 0.005 g L-1 

K2HPO4.3H2O (B) to deliver partial nitrogen (1.5 g L-1  0.5 g L-1  0.25 g L-1 NaNO3) and 

phosphorus (0.04 g L-1  0.01 g L-1  0.005 g L-1 K2HPO4.3H2O) starvation. Microalgal 

cultures cultivated in the unmodified BG-11 medium (C) for 14 days were considered as 

control. A graphical scheme of the experimental procedure has been illustrated in Figure 3.1. 
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Figure 3.1. Schematic diagram depicting the experimental methodology. 

 

3.2.3 Analytical procedures 

3.2.3.1 Determination of microalgal growth 

The growth of the microalgae was estimated by measuring the optical density (OD) of 

the cultures at regular intervals using a UV-visible spectrophotometer (Orion Aquamate 8000, 

Thermo Fisher Scientific, USA) at 750 nm. Dry cell weight (DCW) of the microalgal culture 

was determined by filtering a known volume of the cell suspension through a pre-weighed 

moisture free cellulose acetate membrane filter (0.45 μm). After filtration, the filter papers were 

dried in a hot air oven at 60 °C until an invariable weight was achieved and the final weight 

was recorded. The DCW was calculated by the difference in the weight of the blank filter paper, 

and the filter paper loaded with the microalgal culture and expressed in g L-1. The biomass 

productivity (𝑃𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑣𝑖𝑡𝑦, g L-1 day-1) was calculated from the following equation [289]. 

   𝑃𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑣𝑖𝑡𝑦 =  ∆𝑋 ∆𝑡⁄                                                                                                                    (3.1) 

where “ΔX” is the difference in biomass concentration (g L−1) within a cultivation period of 

“Δt” (day). 
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3.2.3.2 Morphological identification 

The field emission scanning electron microscopic (FESEM, Carl Zeiss SIGMA VP, 

Germany) analysis was carried out as reported by Kumar et al. [290]. The neutral lipid intensity 

within the microalgal cells was determined with a slight modification of the method described 

by Anand et al. [291]. Briefly, 1 mL of microalgal cell suspension was centrifuged at 10,000 

rpm for 10 min, and the pellet was washed with Phosphate Buffer Saline (PBS). Subsequently, 

330 μL of 25% (v/v) dimethyl sulfoxide (DMSO) was added to the pellet, and the mixture was 

vortexed for 1 min. The mixture was then ultrasonicated (PCi Analytics, 3.5 Lit, 50 Hz) for 1 

min to facilitate penetration of Nile red by increasing the pore size of the cells. Following this, 

the cells were fixed with 10 μL of glutaraldehyde and stained with Nile red solution (15 μL of 

0.1 mg mL−1) for 10 min at 40 °C. The samples were observed under a Zeiss fluorescence 

microscope (40× magnification) containing a rhodamine filter. 

3.2.3.3 Determination of photosynthetic activity 

The pigment content and photosynthetic activity of T. obliquus KMC24 under various 

nutrient-starved conditions were measured spectrophotometrically by employing the protocol 

described by Lichtenthaler (1987). The calculated pigment contents were expressed as 

milligram per gram of DCW. The maximum quantum yield (Fv/Fm) of photosystem II (PS II) 

was estimated using a pulse-amplitude-modulated (PAM) fluorometer (AquaPen-C AP-C100, 

Photon System Instruments) by following the protocol reported by Kramer et al. [293]. The 

microalgal cells were dark-adapted for 20 mins prior to the experiment. 

3.2.3.4 Biochemical characterization 

Bligh and Dyer method was employed to determine the total lipid content in terms of 

dry cell weight [294]. Lipid content (𝐿𝑐𝑜𝑛𝑡𝑒𝑛𝑡, %) was calculated using the following equation 

[295]. 

      Lcontent = (Wlipid/Wsample) × 100                                                                                               (3.2)    

                    

Further, the protocol described by Damiani et al. [296] was employed to fraction the 

total lipid into neutral lipids (NL), glycolipids (GL), and phospholipids (PL) using silica gel 

column chromatography. For the estimation of carbohydrate content, 50 mg of microalgal 

biomass was digested with 500 μL of 72% (w/v) H2SO4 for 1 h at room temperature. The 

concentration of the hydrolysate was reduced to 4% (w/v) by adding distilled water and was 

incubated at 121 °C for 1 h. After the solution was cooled to room temperature, the volume of 
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the content was made up to 50 mL with distilled water [297]. The solution was centrifuged, 

and the supernatant was analyzed for total sugar content by the phenol sulfuric acid method 

[298]. The total nitrogen content of microalgal biomass determined using CHNS (Perkin-Elmer 

Thermo Scientific Flash 2000) elemental analyzer was used to determine its crude protein 

content using the following equation: 

 

Total protein (%) = 6.25 × N (%)                                                                                         (3.3) 

 

3.2.3.5 Assessment of ROS and cell viability  

The fluorometric probe, 2′, 7′-dichlorodihydrofluoresceine diacetate (DCFH-DA) 

(Sigma-Aldrich, USA) was used for determining the intracellular ROS content in T. oliquus. 

Briefly, 4 µg mL−1 microalgal cells were stained with 5 µM DCFH-DA and incubated for 1 h 

in dark conditions. The cells were then visualized using a Cytell Cell Imaging System (GE 

Healthcare Life Sciences) [299]. Quantitative analysis was conducted by spectrofluorimetry. 

Flow cytometry (BD Calibur Flow Cytometer, BD Biosciences, USA) was performed 

to determine the viability of microalgal cells by measuring the fluorescence of propidium 

iodide-stained cells using the protocol as reported by [300]. Briefly, microalgal cells were 

collected through centrifugation (10,000 rpm, 10 min) and the pellet was washed thrice with 

phosphate buffer (10 mM, pH = 7.0). The cells were then stained with propidium iodide (10 

mg L-1) for 20 min in dark prior to flow cytometry analysis.  

3.2.3.6 Measurement of enzymatic and non-enzymatic antioxidant scavengers 

50 mg microalgal biomass was harvested through centrifugation and homogenized in 

50 mM phosphate buffer (pH 7.0) containing 1 mM EDTA, 0.05% (v/v) Triton X-100, 2% 

(w/v) polyvinylpyrrolidone and 1 mM phenylmethylsulfonyl fluoride. The homogenate was 

centrifuged at 12,000 rpm for 25 min at 4 °C and the supernatant was used as crude extract. All 

enzyme activities were calculated based on the amount of protein in the crude extract and the 

total protein content was determined according to the Bradford method using bovine serum 

albumin as a standard [301]. 

For CAT activity analysis, 100 μL of the crude enzyme extract was mixed with 1.6 mL 

phosphate buffer (pH: 7.0), 100 μL EDTA (3mM) and 200 μL H2O2 (0.3%). Decrease in 

absorbance at 240 nm was recorded up to 150 s against a blank of same sample without H2O2. 

CAT activity was calculated using an extinction coefficient of 0.0436 mM−1 cm−1 [302]. One 

CAT unit was defined as the enzyme amount that transforms 1 μmol of H2O2 per minute. For 
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APX activity analysis, 100 μL of the crude extract was mixed with 1 mL phosphate buffer (pH 

7), 100 μL EDTA (3 mM), 1 mL ascorbate (5 mM) and 200 μL H2O2 (0.3%). The reaction was 

followed for 3 min and the change in absorbance at 290 nm due to ascorbate oxidation was 

evaluated against a blank of same sample without H2O2. APX activity was calculated using an 

extinction coefficient of 2.8 mM−1 cm−1 [303]. One APX unit was defined as the enzyme 

amount that transforms 1 μmol of ascorbate per minute. The malondialdehyde (MDA) 

concentration in the microalgal cells was used to determine the lipid peroxidation using the 

protocol reported by Chokshi et al. [19]. Microalgal cells were harvested by centrifugation, 

homogenized in 2 ml of 80:20 (v:v) ethanol:water followed by centrifugation at 10,000 rpm 

for 10 min. An aliquot of 1 ml of the supernatant was mixed with 1 ml of thiobarbituric acid 

(TBA) solution comprising 20.0% (w/v) trichloroacetic acid (TCA), 0.01% butylated 

hydroxytoluene, and 0.65% TBA. Samples were then mixed vigorously, heated at 95 °C for 25 

min, and cooled. The contents were centrifuged at 10,000 rpm for 10 min and absorbance of 

the supernatants was read at 450, 532, and 600 nm. The MDA content was calculated using the 

following formula and expressed on a fresh weight (FW) basis: 

 

𝑀𝐷𝐴 (𝜇𝑚𝑜𝑙 𝑔−1 𝐹𝑊) =
[6.45×(𝐴532−𝐴600)]−[0.56×𝐴450]

𝐹𝑊
                                                                    (3.4) 

 

The total polyphenol content in T. obliquus KMC24 was estimated 

spectrophotometrically by using the protocol reported by Chokshi et al. [19]. Microalgal cells 

were harvested by centrifugation and homogenized with 5 mL of 80% ethanol using a chilled 

mortar and pestle. The mixture was centrifuged at 10,000 rpm for 20 min and the supernatant 

was collected. The remaining residue was re-extracted, the supernatants were pooled and 

evaporated to dryness. The residue was dissolved in 5 mL of the distilled water. In a test tube, 

1 mL of the aliquot was mixed with 0.5 mL of 1 N Folin–Ciocalteu’s reagent and incubated 

for 3 min. Then 2 mL of 20% freshly prepared sodium carbonate solution was added to each 

tube and the content was thoroughly mixed. The solution was incubated at room temperature 

for 1 h in the dark, and the absorbance was measured at 650 nm. The concentrations of phenols 

in the samples were calculated from a calibration curve prepared using gallic acid as a standard. 
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3.2.3.7 Transesterification and Fatty Acid Methyl Esters (FAME) analysis 

A two-step acid-base catalyzed transesterification reaction was carried out, as reported 

by Mishra and Mohanty [18]. The reaction was performed in a 25 mL round bottom flask in 

which approximately 200 mg of neutral lipid was allowed to react with methanol at 1:20 (molar 

ratio). The esterification reaction was carried out using H2SO4 (1 wt.% of lipid) as an acid 

catalyst, which was followed by a transesterification reaction using NaOH (1 wt.% of lipid) as 

a base catalyst. The reactions were performed at 70 ± 2 °C for two hours in a reflux setup. 

Subsequently, the product was washed repeatedly with distilled water in a separating funnel to 

recover FAME from catalyst and glycerol.  

 The FAME composition was analyzed on a GC (PerkinElmer, Clarus® 590, USA) 

system equipped with a cross bond polyethylene glycol elite-wax column (PerkinElmer, 30 m, 

0.32 mm ID, and 0.25 μm df). The injector port and detector temperature were set at 250 °C 

and 260 °C respectively, and an injection volume of 1 µL was used with a split ratio of 20:1. 

The column temperature was set at 50 °C for 2 min, then ramped at a rate of 5 °C min−1 to 

190 °C, hold for 2 min, followed by 5 °C min−1 ramp to 190 °C, hold for 2 min and then the 

temperature was ramped again at a rate of 5 °C min−1 to 240 °C, followed by 10 min holding. 

 

3.2.3.8 Analysis of biodiesel properties based on FAME profiles 

Properties such as viscosity (ɳ), saponification value (SV), iodine value (IV), cetane 

number (CN), highest heating value (HV), degree of unsaturation (DU), long-chain saturation 

factor (LCSF), and cold filter plugging property (CFPP) were estimated to determine the 

biodiesel quality using equations as reported by Kumar et al. [290] and Francisco et al. [304]. 

ɳ = 0.235𝑊𝐶 − 0.468𝑊𝑑𝑏                                                                                                                            (3.5) 

𝑆𝑉 =  Σ(560 × 𝑃𝐹𝐴)/𝑀𝑊                                                                                                                           (3.6) 

IV = Σ(254 × 𝑃𝐹𝐴 × 𝑁𝐷)/𝑀𝑊                                                                                                                      (3.7) 

𝐶𝑁 = 46.3 + (
5458

𝑆𝑉
) − (0.225 × 𝐼𝑉)                                                                                                (3.8) 

𝐻𝑉 = 46.19 − (
1794

𝑀𝑊𝑖
) − 0.21 × 𝑁𝐷                                                                                                               (3.9) 

𝐷𝑈 = (𝑊𝑀𝑈𝐹𝐴) + (2 × 𝑊𝑃𝑈𝐹𝐴)                                                                                                                      (3.10) 

𝐷𝑒𝑛𝑠𝑖𝑡𝑦 = 0.8463 +
4.9

ΣMW
+ 0.0118 ∗ Σ𝑁𝐷                         (3.11)   
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𝐿𝐶𝑆𝐹 = (0.1 ∗ 𝐶16) + (0.5 ∗ 𝐶18)                                                                                       (3.12) 

𝐶𝐹𝑃𝑃 = (3.417 ∗ 𝐿𝐶𝑆𝐹) − 16.477                          (3.13) 

where, WC represents the weighted-average number of carbon atoms in the fatty acids, Wdb 

represents the weighted-average number of double bonds, PFA denotes the fatty acid 

percentage, MW represents the molecular weight of fatty acid, ND denotes number of double 

bonds, WMUFA represents monounsaturated fatty acid (MUFA) in weight percentage, WPUFA 

represents polyunsaturated fatty acid (PUFA) in weight percentage, MWi denotes the molecular 

weight of the ith FAME component. 

 

3.2.4 Statistical analysis 

All the experiments were analyzed on three biological replicates, and the results were 

expressed as mean values ± standard deviation. Normality test was performed for each data 

using the Shapiro-Wilk test. Data were further analyzed by one-way analysis of variance 

(ANOVA) using InfoStat, 2012. The mean values were compared with the LSD test, and a 

significant difference was considered at P < 0.05. The correlation between ROS and lipid 

content was determined using Pearson's correlation analysis. 

 

3.3 Results and Discussion 

3.3.1 Isolation and identification of microalgal strains  

Axenic microalgal strains were isolated from the collected freshwater samples. Among 

the six isolated strains, maximum biomass (2.35 ± 0.02 g L-1) and lipid yield (29.51 ± 0.26%) 

were obtained in the strain KMC24 (Figure 3.2). Thus, this strain was selected for further 

experiments. Morphological identification using a light microscope and FESEM revealed that 

KMC24 is a green unicellular microalga with globular cell morphology and measured about 

4.35 µm in diameter. Based on the partial 28S rRNA gene sequence, the isolate KMC24 was 

identified as T. obliquus KMC24. The BLAST search in the GenBank database revealed that 

the obtained sequence was homologous to the 28S rRNA gene of Scenedesmus obliquus with 

91% similarity. The sequence was deposited to GenBank (accession number MF661972). The 

genus Tetradesmus is a member of the family Scenedesmaceae. The phylogenetic tree (Figure 

3.3) confirmed that the strain KMC24 had a close evolutionary relationship to the genus 

Scenedesmus and was similar to S. obliquus strains YSR17 (91%) and Acutodesmus obliquus 

KGE30 (86%). 

 

TH-2569_156151002



  Chapter 3 

68 | P a g e  

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.2. Biomass concentration and lipid yield for different strains cultivated in BG-11 

media. Values are presented as the mean ± standard deviation (n = 3). Values with the 

different letters represent a significant difference (P < 0.05) between treatments (same letters 

are not significantly different). The alphabetical letters are denoted in the ascending order 

(“a” represents the highest value). 
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Figure 3.3. Phylogenetic analysis of T. obliquus KMC24 (GenBank accession no. 

MF661972). Dendrogram was generated using the neighbor-joining analysis based on 28S 

rRNA gene sequences. Bootstrap values are indicated at nodes. Scale bar (= 0.10) represents 

nucleotide substitution per 100 nucleotides. Representative sequences in the dendogram were 

obtained from GenBank. 

 

3.3.2 Influence of nutrient starvation on biomass production 

Nutrient starvation is one of the most prominent strategies for augmenting the desired 

biochemical constituent of microalgae, such as lipid. Although continuous nitrogen and 

phosphorus starvation play a positive role by increasing the lipid content of microalgae, it 

impairs their biomass productivity severely, as nitrogen is a crucial element of biological 

macromolecules like protein, chlorophyll, and DNA [39]. Likewise, phosphorus plays a vital 

role in biochemical pathways, such as ATP production, photosynthesis, biomass partitioning, 

and cellular processes [305]. Therefore, in this study, short-term nutrient starvation via two-

stage cultivation was applied, where the maximum amount of biomass was harvested from the 

late log phase and re-inoculated in A, B, -N, -P, -N-P medium to apply short term starvation 
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for the next one (A1, B1, -N1, -P1, -N-P1), two (A2, B2, -N2, -P2, -N-P2), three (A3, B3, -N3, 

-P3, -N-P3) and four days (A4, B4, -N4, -P4, -N-P4).  

To evaluate the influence of two-stage nutrient starvation on the growth of T. obliquus 

KMC24, DCW, and PProductivity were estimated. From Figure 3.4, it can be observed that the 

highest amount of DCW (2.35 ± 0.02 g L-1) was obtained when the culture was grown in the 

control medium. This can be attributed to the optimum amount of nitrogen and phosphorus 

present in the control medium. No significant changes in DCW were observed when T. 

obliquus KMC24 cells were starved for two days in medium A (DCW: 2.15 ± 0.01 g L-1), B 

(DCW: 2.15 ± 0.03 g L-1), -N (DCW: 2.15 ± 0.04 g L-1) and -P (DCW: 2.15 ± 0.03 g L-1). These 

results demonstrated the ability of T. obliquus KMC24 cells to grow for the next two days with 

intracellular nitrogen and phosphorus as a substrate when the external nitrogen and phosphorus 

are limited or absent. However, after two days of starvation, a gradual decrease in DCW was 

observed in all the cases because of nutrient depletion. On the other hand, the DCW of the cells 

grown in medium -N-P decreased drastically from the first day of starvation. This impairment 

of cellular growth indicated that complete nitrogen and phosphorus starvation reduced the 

metabolic process and cell division in T. obliquus KMC24. The highest PProductivity (0.165 ± 

0.0003g L-1 day-1) was obtained when the culture was grown in the control medium. A gradual 

decrease in PProductivity was observed under all nutrient-starved conditions. As compared to 

control, approximately 15% reduction in PProductivity was observed when the cells were starved 

for one day in A, B, -N,-P medium. Similar types of results were witnessed in many microalgal 

species like  Chlorella vulgaris [306], Scenedesmus sp. [140], Chaetoceros muelleri, and 

Dunaliella salina [40].  
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Figure 3.4. Biomass concentration and biomass productivity of T. obliquus KMC24 under 

various nutrient-starved conditions.Values are presented as the mean ± standard deviation (n 

= 3). 

 

3.3.3 Morphological changes due to nutrient starvation 

T. obliquus KMC24 is a member of Scenedesmaceae family, which exhibit 

pleomorphism by changing its morphology in response to various environmental conditions. 

The amount of energy stored in the cells is found to be directly proportional to the cell numbers 

in a colony [307]. In this study, significant morphological changes were not observed in the 

cells grown in A, B, -P and C medium. However, the cells grown in -N and -N-P medium 

changed their morphology from unicell to 2 and 4 celled coenobium with multiple spines at 

terminal cells. The cell length and number of spines increased with the duration of -N and -N-

P starvation. The cell size was found to increase from 4.35 μm in control to approximately 6.17 

μm in -N and -N-P starved cells. The FESEM and microscopic images of T. obliquus KMC 24 

cells grown in control and –N media are shown in Figure 3.5. Massalski et al. suggested that 

the unfavorable growth conditions might have forced the cells to undergo repeated mitotic 

division without subsequent cytokinesis; thus, resulting in increased cell size [308]. The 
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increase in cell size and volume during nutrient starvation may indicate the accumulation of 

lipids, carbohydrates, and protein, probably due to delayed cell division. The spines at the 

terminals may act as a sensor to combat the stress conditions. These results were comparable 

with a similar study performed by Pancha et al. in which Scenedesmus sp. changed its 

morphology and size under nitrate-starved conditions [140]. 
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Figure 3.5. FESEM and microscopic images (40x) of T. obliquus KMC 24 (a, d: cells grown 

in control medium; b, c, e, f: cells grown in –N medium). 
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3.3.4 Influence of nutrient starvation on photosynthetic activity 

The physiological indicators such as chlorophylls, carotenoids, and maximum quantum 

efficiency of PSII (FV/Fm) helps to inspect the microalgal cell adaptation during nutrient-

induced physiological stress. Nitrogen and phosphorus are consumed to a large extent during 

cell growth; thus, the algal cells tend to degrade the nitrogen-rich chlorophyll along with other 

photosynthetic machinery for their growth during -N and -P deficient conditions. Moreover, 

carotenoids play a protective role during oxidative stress in algal cells [19]. Nutrient limitation 

impairs the electron flow from the photosystems to the ETC (electron transport chain), resulting 

in ROS formation. Such impediment of the photosystem can be evaluated by the decrease in 

FV/Fm [19].  

As shown in Table 3.1, A4 and B4 cultures resulted in a 20.14% (Chl a+b =11.34 ± 

0.06 mg g-1) and 21.27% (Chl a+b =11.18 ± 0.11 mg g-1) decrease in total chlorophyll content 

respectively, as compared to the control (Chl a+b =14.20 ± 0.14 mg g-1). Further evidence of 

physiological stress was shown by the decrease in carotenoid content and maximum quantum 

efficiency (FV/Fm). Nitrogen starvation for two days did not significantly affect the 

photosystem. However, nitrogen starvation beyond two days, i.e., on the third day, reduced the 

total chlorophyll and carotenoid content by 15.07% (Chl a+b: 12.06 ± 0.06 mg g-1) and 16.81% 

(Caro: 3.86 ± 0.11 mg g-1) respectively as compared to the control. The photosynthetic 

efficiency of three and four days nitrogen-starved cells was impaired due to a reduction in the 

chlorophyll and carotenoid content. Nitrogen starvation causes chloroplasts dismantling, which 

might have also contributed to the photosynthetic efficiency impairment [309]. Nitrogen 

starvation inhibits the cells from producing amino acids like glycine and glutamate, thereby 

restricting the synthesis of 5-Aminolevulinic acid, which consecutively lowers the chlorophyll 

content. The FV/Fm value in two days nitrogen-starved cells was 0.61 ± 0.002, indicating 

healthy microalgal cells. However, the FV/Fm value dropped to 0.49 ± 0.005 on the third day of 

starvation, indicating that the cells are under stressful conditions. This might be because -N 

starvation leads to remobilization of the nitrogen-rich metabolites such as chlorophyll to 

transitorily support their survival, which eventually slowed down the photosynthetic efficiency. 

The photosynthetic apparatus was comparatively less affected during phosphorus 

starvation. However, a decrease in the total chlorophyll and carotenoid content by 12.11% (Chl 

a+b: 12.48 ± 0.36 mg g-1) and 14.87% (Caro: 3.95 ± 0.18 mg g-1) respectively, was observed 

on the fourth day of starvation. Phosphorus being the major constituent of DNA, RNA, and 

phospholipids, its limitation might have affected the photosynthetic apparatus on the fourth day 
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of phosphorous starvation. As compared to the control cultures (FV/Fm: 0.69 ± 0.002), the 

parameter FV/Fm remained nearly unaffected till the fourth day of phosphorus starvation 

(FV/Fm: 0.60 ± 0.002), which indicated that phosphorus starvation had no severe impact on PSII 

in T. obliquus KMC24. Similar results were obtained by Huang et al., where FV/Fm of T. lutea 

was least affected by phosphorus deprivation [310]. 

The cultures grown in -N-P medium faced the highest physiological stress where the 

total chlorophyll and carotenoid content was reduced by 12.04% (Chl a+b: 12.49 ± 0.33 mg g-

1) and 11.42% (Caro: 4.11 ± 0.04 mg g-1) respectively, on the first day of starvation. Severe 

impairment of the photosystem was also illustrated by the decrease in FV/Fm to 0.59 on the first 

day of starvation, which continued to decrease in the following days, indicating the negative 

influence on PSII. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

TH-2569_156151002



  Chapter 3 

76 | P a g e  

 

Table 3.1. Effect of nutrient starvation on photosynthetic activity of T. obliquus KMC24. 

Values are presented as the mean ± standard deviation (n = 3). Values with the different letters 

represent a significant difference (P  < 0.05) between treatments (same letters are not 

significantly different). The alphabetical letters are denoted in the ascending order ("a" 

represents the highest value).  

 

 

 

 

 

Treatments Chl-a 

(mg g-1) 

Chl-b  

(mg g-1) 

Chl a+b 

(mg g-1) 

Caro  

(mg g-1) 

FV/Fm 

C 10.30 ± 0.02a 3.90 ± 0.12a 14.20 ± 0.14a 4.64 ± 0.03a 0.69 ± 0.002a 

A1 10.17 ± 0.03a 3.78 ± 0.08a 13.95 ± 0.08a 4.55 ± 0.24a 0.68 ± 0.003a 

A2 9.49 ± 0.03b 2.99 ± 0.07b 12.48 ± 0.04b 4.15 ± 0.16b 0.67 ± 0.002a 

A3 9.29 ± 0.01b 2.83 ± 0.11b 12.12 ± 0.12b 3.74 ± 0.04c 0.56 ± 0.004b 

A4 9.09 ± 0.02b 2.25 ± 0.04b 11.34 ± 0.06c 3.46 ± 0.03c 0.52 ± 0.005b 

B1 10.14 ± 0.15a 3.85 ± 0.17a 13.99 ± 0.10a 4.60 ± 0.07a 0.68 ± 0.004a 

B2 9.36 ± 0.03b 3.60 ± 0.06a 12.96 ± 0.04b 4.45 ± 0.01a 0.66 ± 0.002a 

B3 9.28 ± 0.14b 2.92 ± 0.03b 12.20 ± 0.17b 3.99 ± 0.08c 0.64 ± 0.03a 

B4 9.03 ± 0.07b 2.15 ± 0.04b 11.18 ± 0.11c 3.54 ± 0.01c 0.53 ± 0.002b 

-N1 10.22 ± 0.04a 3.77 ± 0.05a 13.99 ± 0.08a 4.52 ± 0.02a 0.68 ± 0.002a 

-N2 9.88 ± 0.08b 3.59 ± 0.03a 13.47 ± 0.08a 4.39 ± 0.01a 0.61 ± 0.002a 

-N3 9.22 ± 0.06b 2.84 ± 0.02b 12.06 ± 0.06b 3.86 ± 0.11c 0.49 ± 0.005c 

-N4 9.13 ± 0.08b 2.73 ± 0.05b 11.86 ± 0.07c 3.58 ± 0.04c 0.42 ± 0.002c 

-P1 10.26 ± 0.03a 3.82 ± 0.05a 14.08 ± 0.06a 4.60 ± 0.02a 0.68 ± 0.003a 

-P2 10.13 ± 0.03a 3.73 ± 0.12a 13.86 ± 0.07a 4.51 ± 0.01a 0.65 ± 0.002a 

-P3 9.85 ± 0.13b 3.23 ± 0.12a 13.08 ± 0.25a 4.25 ± 0.08b 0.62 ± 0.002a 

-P4 9.51 ± 0.35b 2.97 ± 0.03b 12.48 ± 0.36b 3.95 ± 0.18c 0.60 ± 0.002a 

-N-P1 9.88 ± 0.35b 3.61 ± 0.02a 12.49 ± 0.33b 4.11 ± 0.04b 0.59 ± 0.002b 

-N-P2 9.43 ± 0.03b 2.52 ± 0.02b 11.95 ± 0.01c 3.69 ± 0.02c 0.55 ± 0.005b 

-N-P3 8.69 ± 0.03c 1.64 ± 0.02c 10.33 ± 0.01d 3.28 ± 0.02d 0.47 ± 0.002c 

-N-P4 8.02 ± 0.12c 1.27 ± 0.04c 9.29 ± 0.16e 2.93 ± 0.02e 0.42 ± 0.003c 
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3.3.5 Influence of nutrient starvation on biochemical composition 

As compared to the control, no significant difference in carbohydrate, lipid, and protein 

content was observed when the microalgal cells were cultivated in modified BG-11 medium A 

and B (Figure 3.6). Nitrogen being the most important component required for protein 

synthesis, a drastic drop in the protein content was observed with an increase in the duration of 

nitrogen starvation. The protein content of T. obliquus KMC24 was reduced as compared to 

the control (32.24 ± 0.75) by 9.65% (29.13 ± 0.72) and 36.01% (20.63 ± 0.46) on the first and 

fourth day of nitrogen starvation, respectively. A similar result was found by Pancha et al., 

where a reduction in the nitrate concentration from 247 mg L-1 to 0 mg L-1 decreased the protein 

content of Scenedesmus sp. by 60% [140]. Another possible reason for the decrease in protein 

content under nitrogen-starved conditions could be that the cells might have degraded the 

amino acid-rich proteins to maintain their cellular metabolic functions. Whereas the products 

of amino acid decarboxylation may further provide a precursor (acetyl-CoA) for fatty acid 

synthesis [310]. The distribution of photosynthetic carbon in microalgal cells is highly 

influenced by nitrogen starvation. It has been reported that the rate of carbon fixation in the 

microalgal cells during its early stage of nitrogen starvation surpasses the carbon demand, and 

surplus carbon is channeled into storage compounds like carbohydrates and neutral lipids (e.g., 

TAGs) [39]. Biomolecules such as lipids possess a highly reduced state and are efficiently 

packed in small compartments of the cells, thus favoring the storage of energy that can be used 

during stress conditions [311]. The highest lipid content was obtained in –N2 cultures (39.93 

± 0.64%), which was around 1.35-folds higher than the control (29.51 ± 0.26%). This clearly 

indicates that nitrogen starvation triggers the production of intracellular lipid. The possible 

explanations for the increase in lipid content under nitrogen starvation could be; (1) the 

microalgal cells under nitrogen starvation tends to degrade nitrogenous biomolecules such as 

chlorophylls and proteins, which further provides energy or carbon to the cells for lipid 

biosynthesis [39,310]; (2) nitrogen starvation triggers metabolic readjustments by re-routing 

the flux of carbon towards the biosynthesis of lipids rather than the accumulation of other 

biomass constituents [113]; (3) nitrogen starvation up-regulates malic enzyme (ME) producing 

NADPH, leading to lipid accumulation. The ME contributes to increase lipid accumulation by 

providing reducing power in the form of NADPH and also by supplying pyruvate, which in 

turn is converted by the pyruvate dehydrogenase complex into Acetyl-CoA, which is the 

precursor for fatty acids synthesis [312]. However, the lipid content was found to decrease 

when the cells were nitrogen-starved for more than two days. As compared to two days 

nitrogen-starved culture, the lipid content in three days nitrogen-starved culture was reduced 
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by 15.10% (33.93 ± 0.43%). The microalgal cells might have degraded their energy-rich lipids 

to sustain the stress condition, thereby causing a reduction in lipid content. The carbohydrate 

content in all the four nitrogen-starved cultures was significantly higher (P < 0.05) in 

comparison to the control. The carbohydrate content was maximum when the cells were 

nitrogen-starved for one day (31.83 ± 0.91%). A significant difference in the carbohydrate 

content was not found when the duration of nitrogen starvation was increased beyond two days. 

Whereas a simultaneous decrease in carbohydrate content and increase in lipid content in –N2 

culture could be due to the shift of carbon fluxes from carbohydrate to lipid biosynthesis. 

Moreover, the findings in the present study are in accordance with the perception that lipid 

synthesis is also triggered when metabolic carbon exceeds carbohydrate biosynthesis capacity 

[313]. Thus, from the present study it can been seen that carbohydrate biosynthesis dominates 

over lipid accumulation.  

As compared to nitrogen-starved cells, the cellular protein was comparatively less 

degraded during phosphorus starvation. However, the protein content was reduced compared 

to the control by 6.95% (30 ± 0.91) and 16.63% (26.88 ± 0.19) on the first and fourth day of 

phosphorus starvation, respectively. The decrease in protein content under phosphorus 

starvation could be because of the constraint on RNA and ATP biosynthesis. The carbohydrate 

content in all the four phosphorus-starved cultures was significantly higher (P < 0.05) than the 

control and was highest on the first and second day of starvation. Although the carbohydrate 

content in phosphorus-starved cells was higher than the control, it was comparatively lower 

than the nitrogen-starved cells. This suggests that energy metabolism in phosphorus-starved 

cells might be stimulated at the cost of carbohydrate accumulation. Under phosphorus 

starvation, a gradual increase in the lipid content was noted. The highest lipid content was 

obtained when the cells were starved for three days (32.93 ± 0.43). However, an increase in 

lipid content was observed with a gradual decrease in carbohydrate content. These results 

indicate that carbon flux might have shunted towards lipid biosynthesis from starch under 

phosphorus starvation. 

A gradual decrease in carbohydrate, lipid, and protein content was observed when the 

microalgal cells were grown in -N-P medium. The carbohydrate, lipid, and protein content were 

reduced as compared to the control by 17.19% (19.80 ± 0.78), 22.06% (23 ± 0.57), and 20.37% 

(25.68 ± 0.16) respectively, on the first day of -N-P starvation, which continued to decrease in 

the following days. This can be attributed to the severe impairment of the photosystem due to 

stress. 
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Figure 3.6. Biochemical composition of T. obliquus KMC24 under various nutrient-starved 

conditions. Values are presented as the mean ± standard deviation (n = 3). Values with the 

different letters represent a significant difference (P < 0.05) between treatments (same letters 

are not significantly different). The alphabetical letters are denoted in the ascending order 

("a" represents the highest value). 

 

3.3.6 Microalgal lipid composition 

The impact of nutrient starvation on the lipid composition of T. obliquus KMC24 was 

investigated. The total lipids are constituted by several lipid classes, i.e., NL, GL, and PL. The 
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NL is primarily comprised of TAG that is essential for biodiesel production. Whereas PL and 

GL are primary constituents of the cell and intracellular organelle membranes. From Figure 

3.7, it can be seen that under partial starvation (A and B medium) for up to four days, the 

accumulation of NL, PL, and GL was maintained with respect to the control.    

The NL content of the nitrogen-starved cells increased with the duration of starvation. 

For one, two, three and four days nitrogen-starved cells, an increase in NL content (77.63 ± 

0.29%, 84.95 ± 0.13%, 85.40 ± 0.09%, 85.84 ± 0.17%, respectively) was observed. The NL 

content in –N2 cultures were found to be almost similar to –N4 cultures with significantly 

higher (P < 0.0001) DCW. This suggested that two days of nitrogen starvation is a better 

approach for obtaining high biomass and NL content in T. obliquus KMC24.  

Nile red, a lipophilic fluorescent dye, was used to determine the intracellular lipid 

bodies in nitrogen-starved cells through fluorescence microscopy (Figure 3.8). The intensity of 

neutral lipid droplets was found to be highest in two days nitrogen-starved cells. The results 

from the present study indicated that the increase in NL content of total lipid results in lipid 

accumulation during nitrogen starvation. The increase in NL content can be attributed to the 

accumulation of TAG, which is synthesized by two pathways; one from the Acyl-CoA 

dependent Kennedy pathway and another from the Acyl-CoA independent pathway [314]. A 

gradual increase in PL content from 6.52 ± 0.27% in control to 9.48 ± 0.21% in four days 

nitrogen-starved cultures was noted. Compared to the control, the GL content decreased with 

an increase in nitrogen starvation. The GL content in –N4 cells was about fivefold lower than 

the control (26.98 ± 0.27%). Thus, a gradual increase in NL and PL and a decrease in GL were 

observed with an increase in the duration of nitrogen starvation.  However, Pancha et al. 

observed a decrease in both GL and PL when Scenedesmus sp. was nitrogen starved [140]. 

The NL content increased gradually from 68.96 ± 0.41% in control to 72.38 ± 0.07% 

in four days phosphorus-starved cells. Thus, the increase in NL content was more pronounced 

during nitrogen starvation. The PL content was reduced compared to the control by 43.54% 

(3.67 ± 0.23%) when the cells were phosphorus-starved for four days. Abida et al. proposed 

that phospholipids are secondary phosphorus-storage molecules, which break down during 

phosphorus starvation [315]. The decrease in PL content in phosphorus-starved cells coincided 

with a gradual increase in GL content. The NL content was found to increase when the cells 

were cultured in -N-P medium. A gradual decrease in PL and GL contents was observed when 

the T. obliquus KMC24 cells were cultured in -N-P medium for four days. The PL content 
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decreased from 6.52 ± 0.27% in control to 5.24 ± 0.26% and GL decreased from 26.98 ± 0.27% 

in control to 22.24 ± 0.25% in four days -N-P starved cells. These results indicate that each 

microalgal species undergo membrane remodeling in its own way to combat the stress 

conditions. In our study, the NL content of T. obliquus KMC24 cells was found to increase 

under all the stress conditions applied. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

TH-2569_156151002



  Chapter 3 

82 | P a g e  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 3.7. Lipid class composition of T. obliquus KMC24 under various nutrient-starved 

conditions. Values are presented as the mean ± standard deviation (n = 3). Values with the 

different letters represent a significant difference (P < 0.05) between treatments (same letters 

are not significantly different). The alphabetical letters are denoted in the ascending order 

("a" represents the highest value). 
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Figure 3.8. Nile Red images showing cellular neutral lipids in T. obliquus KMC24 cells (C: 

control cells, –N1 to –N4: one to four days nitrogen starved cells). 

 

3.3.7 Cell viability 

Cell death or a decrease in cell viability, whether due to senescence, acute stress, or 

aging, appears to be characterized by the loss of the cell's ability to retain homeostasis [34]. 

The viability of T. obliquus KMC24 cells under nutrient-starved conditions is represented in 

Fig. 6. 94.68 ± 2.01% to 91.95 ± 1.87% of the cells were live till the third day of starvation in 

A, B, -N, -P cultures. However, the cell viability was significantly reduced (P < 0.0001) on the 

fourth day of starvation from 99.72 ± 0.21% in control to 87.14 ± 1.01%, 84.50 ± 1.58%, 83.81 

±  1.12%, 83.88 ±  1.64% in A4, B4, -N4, -P4 cultures respectively. The cell viability was 

reduced as compared to the control by 15.95% (83.81 ± 3.94%) on the first day of –N-P 

starvation, which continued to decrease gradually in the following days. The gradual decrease 

in cell viability in all the cultures compared to control indicated the loss of membrane integrity 

under nutrient starvations. 

-N2 -N3 -N2 

-N4 

-N3 
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3.3.8 ROS and MDA content under nutrient starvation 

ROS are produced in different cellular compartments of microalgae under unfavorable 

growth conditions. Microalgal cells trigger several defense systems to scavenge these ROS. 

However, under stress conditions, the ROS production rate might exceed the scavenging rate 

of microalgal cells, thereby causing excess ROS accumulation. This excess ROS causes 

oxidative injury to the cells by damaging proteins, lipids, and DNA that ultimately causes cell 

death [19]. The effect of nutrient starvation on ROS fluorescence intensities is shown in Figure 

3.9. The ROS fluorescence intensities in A1, A2, A3, B1, B2, B3, -N1, -N2, -N3, -P1, –P2, -

P3, -P4 cultures increased significantly (P < 0.034) in comparison to control. This indicated 

that nutrient starvation was the environmental stress that led to ROS accumulation in the cells 

of T. obliquus KMC24. Zhang et al. observed similar results, where the ROS level increased 

significantly (P < 0.0034) in the nitrogen, phosphorus, and sulfur stressed cultures [38]. 

However, the fluorescence intensities in -N-P cultures were comparatively lower than the 

control. A gradual decrease in fluorescence intensities was observed with an increase in the 

duration of -N-P starvation. The dead cells do not possess ROS generating metabolic processes 

[316]. Therefore, a decrease in cell viability in -N-P cultures as assayed by flow cytometry 

could be the possible reason for reduced ROS fluorescence intensities. Also, a reduction in 

fluorescence intensities was observed from the third day of starvation in A, B, -N, -P cultures, 

probably due to the increase in dead cells with the duration of starvation. In our study, the 

highest ROS fluorescence intensity was observed in -N2 culture (17051.49 ± 93.15 a.u.).  

MDA is a lipid peroxidation end product that is generally released as a stress indicator 

in microalgae. Hydroxyl radicals are highly reactive species that initiate membrane 

peroxidation, which results in the release of MDA as an end product [19]. In the present study, 

except for –N-P cultures, the MDA content was significantly increased (P < 0.0001) under all 

nutrient-starved conditions compared to the control culture (Fig. 7). The highest MDA content 

was observed in –N2 culture (3.81 ± 0.02 µM g-1 fresh weight), which was around 2.3-folds 

higher than the control culture (1.64 ± 0.01 µM g-1 fresh weight). The MDA content was 

consistent with the ROS level indicating that a linear correlation exists between ROS level and 

MDA content. Similar to our study, a simultaneous increase in ROS and MDA levels was 

reported in D. salina under nitrogen-limited conditions [146].  
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Figure 3.9. Effects of nutrient starvation on cell viability, malondialdehyde (MDA) content, 

and ROS fluorescence intensity of T. obliquus KMC24. Values are presented as the mean ± 

standard deviation (n = 3). Values with the different letters represent a significant difference 

(P < 0.05) between treatments (same letters are not significantly different). The alphabetical 

letters are denoted in the ascending order ("a" represents the highest value). 
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Figure 3.10. Fluorescence images of T. obliquus KMC24 cells stained with 2′, 7′-dichlorodihydrofluoresceine diacetate (DCFH-DA) probe 

showing the effect of nitrogen starvation in intracellular ROS formation (C: control cells, –N1 to –N4: one to four days nitrogen starved cells).

-N1 C -N2 -N3 -N4 

C -N1 -N2 -N3 -N4 
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3.3.9 Correlation between lipid content and ROS level under nutrient starvation 

The correlation between lipid content and ROS level under various nutrient-starved 

conditions was revealed using Pearson's correlation analysis (Figure 3.10). The ROS 

fluorescence intensity for all the nutrient stress conditions is represented on the x-axis, while 

the lipid content (%) is represented on the y-axis. The Pearson correlation coefficient was 

0.908, indicating a high correlation between lipid content and ROS. In addition, a high 

correlation coefficient under individual nutrient stress conditions was obtained by plotting 

individual fluorescence intensities versus corresponding lipid content (Figure 3.11). These 

results further confirmed that the ROS levels were positively correlated with the lipid contents 

for all the nutrient-starved conditions. It has been reported that microalgal strains with high 

tolerance to oxidative stress are more efficient for producing biodiesel as compared to non-

tolerant strains [317]. In the present study, the highest ROS fluorescent intensity and lipid 

content was observed in -N2 cultures. This indicated that T. obliquus KMC24 cells under two 

days of nitrogen starvation are highly oxidative stress tolerant with potential for biodiesel 

production. In a similar study, a positive linear correlation between ROS and lipid 

accumulation under different culture conditions was observed in Chlorella pyrenoidosa [38]. 

It has been reported that enhanced lipid production might be mediated by oxidative stress [146]. 

Recent evidence also indicated that ROS might act as a secondary messenger for various stress 

factors, which controls cellular responses to extracellular stress [318]. Some of the hypotheses 

on the mechanisms of ROS-mediated lipid accumulation are as follows: 

 Lipids are highly reduced molecular entities. Therefore, NL overproduction necessitates 

significant amounts of NADPH, which is primarily obtained through the oxidative pentose 

phosphate (OPP) pathway. Oxidative stress causes the carbon metabolic flux to change 

from glycolysis to the OPP pathway through post-translational modification of glycolytic 

enzymes [318]. Hence, this could be a possible mechanism through which oxidative stress 

enhances NL accumulation. 

 The stored NL bodies are accumulated within lipid droplets, and studies have reported that 

endoplasmic reticulum (ER) stress activates the production of lipid droplets [319]. As ROS 

stimulates ER stress, this could be another possible way through which ROS increases lipid 

droplets formation [318]. 
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 ROS might function as a mediator for enhanced lipid accumulation through autophagy 

under unfavorable conditions. Suzuki et al. [320] reported that ROS accumulation triggers 

autophagy in eukaryotic cells, while Scott et al. [321] reported that ROS stimulates 

autophagy, thereby causing the cells to degrade macromolecules and shift large amounts of 

carbon to energy storage compounds, such as lipids. Zhao et al. reported that salinity stress 

induces ROS and activates cellular autophagy, which further regulates lipid synthesis 

[322]. Couso et al. suggested that autophagy is required for the synthesis of TAG in 

nitrogen or phosphate-starved cells of Chlamydomonas [323].  

 Furthermore, ROS are also demonstrated to modulate cellular responses at the level of 

signal transduction pathways [324]. 

 

 

 

 

 

 

 

 

 

 

Figure 3.11. The correlation between lipid content and ROS level of T. obliquus KMC24 

under various nutrient-starved conditions. Lines are linear fit with Pearson correlation 

coefficient (r). 
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Figure 3.12. Relationship between the reactive oxygen species and corresponding lipid 

content (%) of T. obliquus KMC24 under individual culture condition. Lines are linear fit 

with Pearson correlation coefficient (r). 
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3.3.10 Responses of cellular antioxidants under nutrient starvation 

Microalgal cells stimulate powerful intrinsic antioxidant systems such as enzymatic 

(CAT, APX) and non-enzymatic (polyphenols) metabolites to counter ROS toxicity. CAT is a 

heme-containing enzyme that allows the cell to remove H2O2 in an energy-efficient way by 

catalyzing the conversion of H2O2 into O2 and H2O [146]. CAT is absent in chloroplasts, so 

H2O2 is degraded in the chloroplast by APX. APX is an ascorbate-based antioxidative defense 

system that scavenges H2O2 [19]. The effect of nutrient starvation on the antioxidative defense 

system is illustrated in Figure 3.12. Except for –N-P cultures, the CAT and APX activity was 

significantly increased (P < 0.0001) under all nutrient-starved conditions, indicating a 

correlation with the corresponding H2O2 contents. The highest CAT and APX activity of 4.21 

± 0.05 U mg-1 protein and 2.79 ± 0.04 U mg-1 protein respectively was obtained in -N2 cultures, 

which were around 1.26- and 1.93-folds higher than those of control cultures (3.32 ± 0.07 U 

mg-1 protein and 1.44 ± 0.09 U mg-1 protein, respectively). The increase in the activities of 

CAT and APX strongly suggests that oxidative stress is induced under nutrient-starved 

conditions in T. obliquus KMC24 cells.  

Polyphenols function as a substrate for the hydrogen peroxide-scavenging enzyme 

peroxidase and inhibit ROS dissemination by modifying peroxidation kinetics and reducing 

cell membrane fluidity [19]. However, limited studies are available on the impact of nutrient 

starvation on the polyphenol content of microalgae. In the present study, except for -N-P, A4, 

B4, and -N4 cultures, the total polyphenol content was enhanced under all nutrient-starved 

conditions compared to the control culture. The highest total polyphenol content was observed 

in -N2 culture (159.39 ± 2.82 µg g-1 FW), which was around 2.7-folds higher than the control 

culture (58.37 ± 0.69 µg g-1 FW). However, on increasing the duration of nutrient starvation (3 

and 4 days), a decrease in both enzymatic and non-enzymatic activities was observed. 

Moreover, the responses of cellular antioxidants were significantly lower (P < 0.0001) than the 

control in –N-P cultures. A decrease in ROS accumulation could be the possible reason for the 

reduced activity of MDA, CAT, APX, and polyphenols in these cultures. Thus, it was observed 

that activities of CAT, APX, and polyphenols were consistent with lipid content suggesting a 

strong connection between oxidative stress and lipid accumulation. 
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Figure 3.13. Activities of the enzymatic and non-enzymatic antioxidants of T. obliquus 

KMC24 under various nutrient-starved conditions. Values are presented as the mean ± 

standard deviation (n = 3). Values with the different letters represent a significant difference 

(P < 0.05) between treatments (same letters are not significantly different). The alphabetical 

letters are denoted in the ascending order ("a" represents the highest value). 
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3.3.11 Influence of nutrient starvation on fatty acid composition  

The fatty acid compositions of T. obliquus KMC24 for all culture conditions are 

presented in Table 3.2. The major fatty acid components were palmitic acid (C16:0), 

palmitoleic acid (C16:1), oleic acid (C18:1n9c), elaidic acid (C18:1n9t), and arachidic acid 

(C20:0), accounting for about 97% of total FAME content for almost all nutrient stress 

conditions. A shift in monounsaturated fatty acid (MUFA) biosynthesis towards saturated fatty 

acid (SFA) production was observed when the cells were cultivated in A and B medium, where 

the SFA C16:0 and C20:0 were increased. 

Interestingly, the accumulation of C16:0 increased with the duration of nitrogen 

starvation. The SFA content increased from 22.35% in control to 81.83% in –N4 cultures, 

whereas the MUFA content decreased from 75.36% in control to 18.83%. Nitrogen starvation 

for four days increased the SFA content by almost fourfold. However, the exact mechanism 

involved in the increase in SFA is still unknown. Fernandes et al. suggested that under nutrient 

deficiency, the ratio of carbon to mineral substrates (microalgal growth nutrients) increases, 

thereby increasing CO2 availability, which may further improve SFA accumulation over 

unsaturated fatty acid (UFA) [325]. High content of SFA produces biodiesel with higher CN 

and superior oxidative stability [38]. High SFA content also mitigates the auto-oxidation of 

biodiesel, thereby improving its shelf life. Similar results were observed by Chandra et al., 

where nitrogen depletion and carbon supplementation, respectively, increased the degree of 

saturation of the total fatty acid pool [326]. PUFA are specifically sensitive to oxidation; thus, 

the reduction of UFA upon nitrogen starvation indicated oxidative damage [327,328]. Except 

for –P4 cultures, under all nutrient stress conditions, the value of C18:3 was found to be ⩽12%, 

which is the permissible limit according to European standard EN 14214.  

The production of polyunsaturated fatty acid (PUFA) was found to increase with the 

duration of phosphorus starvation. The PUFA content increased from 2.29% in control to 

46.65% in –P4 cultures. However, the increase in PUFA production was coupled with a decline 

in SFA and MUFA content. SFA and MUFA are generated in the chloroplast, which serves as 

substrates for PUFA synthesis. As the duration of phosphorus starvation increased, a lower 

ratio of (SFA + MUFA)/PUFA was witnessed, which indicated a shift in SFA and MUFA 

biosynthesis towards PUFAs production. It has been reported that microalgae accumulate 

PUFA in mitochondrial membranes to protect the cell membranes from oxidative stress [329]. 

Combined nitrogen and phosphorus starvation significantly increased (P < 0.05) the MUFA 

content. The proportions of C16:1, C18:1n9c, C18:1n9t was found to increase gradually in -N-
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P medium, while C16:0 content declined compared to the control. The MUFA content 

increased from 75.36% in control to 91.36% when the cells were starved for four days in -N-P 

medium. 

 

 

 

 

 

 

 

 

 

 

 

TH-2569_156151002



  Chapter 3 

94 | P a g e  

 

Table 3.2. Fatty acid methyl esters (FAME) composition of T. obliquus KMC24 under various nutrient-starved conditions.  

Treatments Fatty acid (%) SFA 

(%) 

MUFA 

(%) 

PUFA 

(%) C16:0 C16:1 C18:1n9c C18:1n9t C18:2 C18:3 C20:0 C22:0 C22:1 C24:0 

C 13.69 5.45 36.31 33.44 - 2.29 1.86 6.63 0.16 0.17 22.35 75.36 2.29 

A1 16.74 6.95 32.10 28.43 - 0.08 - 10.02 2.72 2.96 29.72 70.2 0.08 

A2 20.01 4.48 28.94 31.62 - 0.26 6.07 7.10 1.47 0.05 33.23 66.51 0.26 

A3 24.60 12.50 50.40 - - 1.1 6.64 2.16 2.34 0.26 33.66 65.24 1.1 

A4 32.04 10.01 1.52 37.05 - 0.37 8.39 2.01 3.68 4.93 47.37 52.26 0.37 

B1 24.67 5.35 22.40 15.94 - 2.03 22.06 0.78 4.04 2.73 50.24 47.73 2.03 

B2 30.64 2.43 14.40 13.12 - 1.51 24.24 0.53 12.65 0.48 55.89 42.6 1.51 

B3 33.47 2.56 11.19 11.49 - 0.84 29.08 0.35 6.25 4.77 67.67 31.49 0.84 

B4 38.96 2.60 11.23 11.15 - 0.81 21.42 0.36 6.03 7.44 68.18 31.01 0.81 

-N1 25.32 2.74 11.40 11.44 - 0.52 31.33 - 5.50 11.75 68.4 31.08 0.52 

-N2 38.20 2.39 10.37 10.53 - 0.48 21.21 - 5.62 11.20 70.61 28.91 0.48 

-N3 47.50 0.66 12.62 9.47 - 1.96 20.63 - 0.19 6.97 75.1 22.94 1.96 

-N4 49.30 1.08 6.94 5.37 - 0.13 22.48 - 4.65 10.05 81.83 18.04 0.13 

-P1 0.50 3.92 15.63 13.92 11.38 1.29 - 34.41 8.83 10.12 45.03 42.3 12.67 

-P2 0.96 8.17 30.49  20.20 5.51 18.39 16.28 - - 35.63 38.66 25.71 

-P3 1.08 8.44 33.66 30.07 24.09 2.66 - - - - 1.08 72.17 26.75 

-P4 1.84 10.09 39.08 - 26.52 20.13 2.34 - - - 4.18 49.17 46.65 

-N-P1 1.43 10.98 39.17 30.98 - 0.15 15.17 1.98 0.14 - 18.58 81.27 0.15 

-N-P2 0.55 6.57 41.75 39.31 - 0.08 9.69 1.87 0.16 0.02 12.13 87.79 0.08 

-N-P3 - 8.59 43.26 38.79 6.30 1.12 - 1.81 0.08 0.05 1.86 90.72 7.42 

-N-P4 - 10.15 42.47 38.64 - 0.88 6.19 1.23 0.10 0.34 7.76 91.36 0.88 
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3.3.12 Influence of nutrient starvation on biodiesel properties 

Based on the fatty acid composition, the biodiesel quality was assessed for all the 

growth conditions using the well-defined empirical equations (Table 3.3). Biodiesel with a high 

CN indicates improved ignition delay time and quality of combustion. The CN is positively 

related to the SFA content [38]. A high content of SFA under A, B, and -N growth conditions 

resulted in a higher CN. Owing to the lower SFA content under phosphorus starvation, 

comparatively a lower CN was obtained. Except for -P4, the CN for all other nutrient stress 

conditions was over 47, which is the permissible limit according to ASTM D6751. The DU 

and IV describes the oxidative stability of fuel, where a lower DU and IV favors better 

oxidation stability. As compared to all the nutrient stress conditions, T. obliquus KMC24 under 

nitrogen starved conditions possessed lower DU and IV. The viscosity defines the flow of fuel 

in an engine. Generally, lower viscosity results in good flow properties with high atomization 

quality and high biofuel penetration ability. Under all growth conditions, the kinematic 

viscosity was maintained in the range of 3.48 mm2 s-1 to 4.46 mm2 s-1. CFPP value predicts the 

flow performance of biofuel at low temperatures. Under all growth conditions, the CFPP value 

was comparatively lower than the ASTM D6751 and EN 14214 standards, thereby indicating 

excellent low temperature performance of biodiesel. Thus, it was observed that T. obliquus 

KMC24 under nitrogen starved conditions have high lipid content, combustion quality, low 

temperature performance and ignition delay time, thereby making T. obliquus KMC24 cells a 

potential factory for the biosynthesis of biodiesel. 
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Table 3.3. Biodiesel properties of T. obliquus KMC24 under various nutrient-starved conditions.  

 

 

 

 

Treatments 

Quality parameters of biodiesel 

CN ɳ  

(mm2 s-1) 

SV  

(mg KOH g-1) 

IV  

(g I2 100 g−1 oil) 

HV  

(MJ Kg-1) 

DU CFPP (°C) 

C 57.46 3.86 196.30 73.96 40.20 79.94 -11.80 

A1 60.23 3.97 193.79 63.17 40.13 70.36 -10.76 

A2 60.64 3.93 195.37 60.43 40.19 67.03 -9.64 

A3 58.19 3.83 197.93 61.69 40.27 67.44 -8.07 

A4 63.54 3.96 195.02 47.77 40.19 53 -5.53 

B1 64.04 4.04 191.61 47.74 40.19 51.79 -8.05 

B2 66.13 4.11 189.16 40.09 40.19 45.62 -6.01 

B3 68.61 4.18 188.54 29.51 40.19 33.17 -5.04 

B4 68.53 4.15 189.78 29.04 40.19 32.63 -3.16 

-N1 69.55 4.32 184.08 28.45 40.08 32.12 -7.83 

-N2 69.38 4.22 188.13 26.35 40.08 29.87 -3.42 

-N3 68.77 4.07 193.16 25.73 40.08 26.86 -0.25 

-N4 71.53 4.20 189.63 15.78 40.08 18.3 0.37 

-P1 64.06 4.46 175.08 59.64 40.08 53.72 -16.31 

-P2 56.71 4.01 185.69 84.35 39.92 90.08 -16.15 

-P3 48.39 3.63 197.10 113.78 39.54 95.6 -16.11 

-P4 42.09 3.48 195.33 142.89 39.71 142.47 -15.85 

-N-P1 57.71 3.91 194.59 73.96 40.03 50.59 -15.98 

-N-P2 56.34 3.89 195.56 79.43 40.19 48.64 -16.29 

-N-P3 52.35 3.74 197.77 95.75 40.15 66.77 -16.48 

-N-P4 54.92 3.82 196.88 84.91 40.28 54.48 -16.48 

Standard 

ASTM D6751/EN 

14214 

≥47  1.9–6.0 ≤ 370 ≤ 120  40 - ≤ +5  
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3.4 Conclusion 

Short-term nitrogen starvation via a two-stage cultivation approach was the most 

effective strategy for enhancing the lipid content of T. obliquus KMC24 without affecting 

biomass concentration. The maximum carbohydrate (31.83 ± 0.11%) and lipid content (39.93 

± 0.44%) were obtained in –N1 and -N2 cultures, respectively. Compared to phosphorus 

starvation, the increase in NL content in T. obliquus KMC24 cells was more pronounced during 

nitrogen starvation. The combined nitrogen and phosphorus starvation (-N-P) was the most 

severe stress, which triggered cellular senescence. In contrast, a stepwise adaptive response 

was observed when the cells were grown in A, B, -N, and -P medium. The results suggested 

that stress-induced ROS generation is positively correlated with lipid accumulation. A fatty 

acid profile with high compatibility for biodiesel production was obtained under nitrogen-

starved conditions.  
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Chapter 4 
 

Development of a Sustainable and Efficient 

Harvesting Technique 
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4.1 Overview 

Food waste is a common solid waste produced from households and food industries in 

thousands of tons annually. These solid wastes may be detrimental to the environment when 

disposed without any pretreatments [330]. To manage these wastes, researchers have tried to 

valorize it as an adsorbent, catalyst, bio-template etc. [331]. Food waste is a renewable 

feedstock and a protagonist in the circular bioeconomy framework [332]. Recently, a few 

researchers have promoted the concept of green chemistry and circular bioeconomy by 

valorizing eggshell-derived bioflocculant [55,333]. Eggshell is a calcium-rich solid waste with 

a high density of cations and several functional groups such as –OH, -C=O, and –PO4 [334]. 

These characteristic features of eggshell facilitate adsorption and destabilization of the 

negatively charged microalgal cells. 

In this chapter,  waste  eggshells was valorized as a flocculating agent for harvesting T. 

obliquus KMC24. The possible mechanism involved during bioflocculation of microalgae was 

explored. The impact of several parameters such as temperature, bioflocculant concentration 

and, pH on the flocculation process was evaluated for achieving maximum harvesting 

efficiency. Kinetic and thermodynamic studies were also performed for evaluating the 

experimental data. Recyclability of the spent medium for subsequent cultivations were also 

studied. The effect of bioflocculant on biomass concentration, lipid yield and FAME 

composition was also determined. 

4.2 Materials and Methods 

4.2.1 Microalgae as an adsorbent 

T. obliquus KMC24 was used as an adsorbent in this study. The microalgae culture was 

maintained in BG 11 medium. The biomass productivity was determined using the equation 

(3.1) as mentioned in the methodology section of chapter 3. 

4.2.2 Eggshell-derived bioflocculant as an adsorbate 

The waste eggshells (boiled and unboiled) were collected from the canteens of IIT 

Guwahati hostels and were dried in a hot air oven for 24 h at 60 °C after washing with distilled 

water several times. The dried eggshells were ground to fine powder using a mixer grinder. 

The powdered eggshell was then sieved manually using a 325-mesh sieve. The bioflocculant 

was extracted from the eggshell powder by using 10 mL of 0.1 mol L-1 HCl solution to dissolve 

100 mg of the powder with continuous stirring for 35 min on a magnetic hot plate stirrer 
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(Tarsons digital spinot). The resulting solution was further filtered through a 0.2 μm PTFE 

syringe filter, and a final bioflocculant concentration of 1000 mg L-1 was obtained by diluting 

the filtrate to 100 mL with distilled water [333]. This flocculant extract was used as a stock 

solution for subsequent use in the experiments. 

4.2.3 Optimization of bioflocculant concentration, pH, and temperature 

Batch flocculation experiments were performed in 250 mL conical flasks containing 

150 mL BG-11 medium. The microalgal cells were harvested in their early stationary phase, 

i.e., on the 14th day of cultivation, when the DCW (dry cell weight) was maximum, i.e., 2.35 g 

L-1. Different concentrations of eggshell-derived bioflocculant solution (0–140 mg L-1, at an 

increment of 20 mg L-1) was applied to determine the influence of bioflocculant concentration 

on harvesting of microalgal biomass at room temperature 22°C and pH 7. 

Harvesting efficiency was further enhanced by optimizing pH values (2, 4, 6, 8 and 10) 

of the culture medium at room temperature 22°C using optimal bioflocculant concentration. 

The pH values were maintained using 0.5 mol L-1 NaOH and 0.5 mol L-1 HCL. The effect of 

temperature on harvesting efficiency was also studied by varying the temperature (25°C, 35°C, 

45°C, 55°C) of the culture medium. The temperature optimization experiment was carried out 

at an optimal pH value and bioflocculant concentration. The culture temperature was 

maintained using a shaking water bath (EQUITRON, MEDICA INSTRUMENT MFG. CO.). 

All the above studies were carried out within the variable contact time (0–40 min). 

4.2.4 Harvesting efficiency of microalgal biomass 

To determine the harvesting efficiency of the bioflocculant under various parameters, 

2 mL of the supernatant was collected from the center of the algal suspension, and the optical 

density (OD) was measured in every 5 min of interval for 40 min. The optical density was 

determined at 750 nm by a UV-visible spectrophotometer. The harvesting efficiency (HE, %) 

of bioflocculant was calculated from the following equation [334]: 

HE(%) =
𝑂𝐷750(𝑡0)−𝑂𝐷750(𝑡)

𝑂𝐷750(𝑡0)
× 100%             (4.1) 

where, 𝑂𝐷750(𝑡0) and 𝑂𝐷750(𝑡)  are the OD of microalgal cell suspension measured at time 

zero and 𝑡, respectively. 

4.2.5 Analytical methods  

Microscopic images of the treated (with bioflocculant) and untreated (without 

bioflocculant) microalgal cells were captured under optical microscope (Axio Scope.A1, Zeiss, 
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USA) to examine their morphological changes. The floc size of microalgae was considered as 

an evaluation mark for determining the flocculation efficacy of the bioflocculant. The bigger 

the size of the floc, higher the harvesting efficacy of the bioflocculant [334]. The morphology 

of the samples was determined by FESEM (Zeiss Sigma-300 Field Emission Scanning Electron 

Microscopy). Elemental components were determined by using energy dispersive spectroscopy 

(EDX) coupled with FESEM. The zeta potential values were recorded in triplicates using a 

Zeta potential analyzer (Malvern Zetasizer ZEN 3690), and the mean values were calculated 

in millivolts (mV) [334]. Soluble calcium concentration was determined by Systronics flame 

photometer (model no. 128). 

The lipid content (Lcontent, %) of the dry biomass was determined by the protocol, as 

reported earlier [335]. Transesterification and FAME analysis were carried out using the 

protocol mentioned in the methodology section of chapter 3. 

4.2.6 Determination of adsorption kinetics 

The mechanism of flocculation-sedimentation process can be determined by estimating 

the adsorption rate. Kinetic models such as pseudo-first order equation (4), pseudo-second 

order equation (5) and intra-particle diffusion models equation (6) were used to study the 

adsorption kinetics of eggshell-derived bioflocculant by T. obliquus KMC24 cells. Many 

researchers have employed these kinetic models to evaluate the flocculation of microalgae by 

bioflocculants [56,334]. The high cationic charge density of eggshell enables it to be strongly 

adsorbed onto the negatively charged microalgal cells, which consequently causes them to 

flocculate due to charge neutralization. 

Thus, flocculation of T. obliquus KMC24 by eggshell-derived bioflocculant can be 

considered as an adsorption process where bioflocculants are adsorbed over the microalgal 

cells. Therefore, these most commonly used kinetic models were employed to assess the 

binding of bioflocculants over microalgal cell surface with regard to time. The bioflocculant 

adsorption over microalgal cells 𝑞𝑡 (mg g-1) at time 𝑡, was determined from the following 

equation [336]: 

𝑞𝑡 =
(𝐶0−𝐶𝑡)𝑉

𝑀
                                                

(4.2) 

where, 𝑞𝑡 is the quantity of microalgal biomass (mg g-1) flocculated at time 𝑡 by the flocculant, 

𝐶0 (mg L-1) and 𝐶𝑡 (mg L-1) are the microalgal cell concentration in the culture medium at time 
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zero and 𝑡 respectively, 𝑉 (L) is the volume of culture medium and 𝑀 (g) is the mass of the 

bioflocculant. 

ln(𝑞𝑒 − 𝑞𝑡) = 𝑙𝑛 𝑞𝑒 − 𝐾1 𝑡                                    

(4.3) 

𝑡

𝑞𝑡
=

1

𝐾2𝑞𝑒
2 +

1

𝑞𝑒
𝑡                                    

(4.4) 

𝑞𝑡 = 𝑘𝑖𝑛𝑡𝑡1/2 + 𝐶𝑖                                    

(4.5) 

where, 𝑞𝑡 and 𝑞𝑒 are the quantity of microalgal biomass (mg g-1) flocculated at time t and 

equilibrium respectively, 𝑡 (min) represents the contact time, while 𝐾1 (min-1), 𝐾2 (g mg-1 min-

1) and 𝑘𝑖𝑛𝑡 (mg g-1 min-1/2) are the rate constants. 𝐶𝑖 represents the intercept (mg g-1). 

4.2.7 Determination of adsorption thermodynamics 

The spontaneity of the adsorption of eggshell-derived bioflocculant onto the microalgal 

cells was assessed using the Van’t Hoff equation. The Gibbs free energy (ΔG) change is 

associated with the equilibrium constant (Kc) for biosorption of eggshell-derived bioflocculant 

over microalgal cells by the following relationship: 

∆𝐺° = −𝑅𝑇𝑙𝑛𝐾𝐶                                                                                                                        

(4.6) 

where, T is the absolute temperature in Kelvin and R is the gas constant (8.314 J mol−1 K−1). 

The Gibbs’ free energy equation is as follows:  

∆𝐺° = ∆𝐻° − 𝑇∆𝑆°                                                                  

(4.7) 

where, ΔH and ΔS (J mol-1 K-1)  is the change in enthalpy and entropy respectively. Combining 

equation (7) and (8), we get: 

𝑙𝑛𝐾𝐶 = −
∆𝐻°

𝑅𝑇
+

∆𝑆°

𝑅
                                     

(4.8) 

A plot of 𝑙𝑛𝐾𝑐 vs 1 𝑇⁄  is a linear graph, whose intercept and slope yields ∆𝑆° 𝑅⁄  and ∆𝐻° 𝑅⁄  

respectively. 
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4.2.8 Activation energy analysis 

The activation energy of the system was determined using the Arrhenius equation [337]. 

The activation energy was calculated to determine the minimum energy required for starting 

the chemical reaction once the bioflocculant is incorporated. Flocculation is expressed as a 

function of temperature in the pseudo-second order rate constant according to the Arrhenius 

equation (Equation 10) [56]: 

 𝑘 = 𝐴𝑒
−𝐸𝑎
𝑅𝑇                                                                                                                                   (4.9) 

where, 𝐸𝑎  (J mol−1) is the Arrhenius activation energy, 𝐾 is the rate constant, T (Kelvin) is the 

absolute temperature, A is the pre-exponential factor and R is the universal gas constant. 

Alternatively, the above equation can be expressed in its natural logarithm as 

𝑙𝑛𝑘 = −
𝐸𝑎

𝑅𝑇
+ 𝑙𝑛𝐴                            (4.10) 

 

4.2.9 Recycling of harvested medium 

The culture medium recovered after harvesting of microalgal cells using eggshell-

derived bioflocculant was investigated for recyclability for the next cultivation cycle. After 

flocculation-sedimentation process, the spent medium was separated from the settled 

microalgal flocs by gravity. The pH of the harvested medium was neutralized, and the BG-11 

medium was added before recycling the medium. The concentration of the inoculum was 

adjusted to have similar starting cell density in the recycled culture medium for the growth 

studies. The growth of T. obliquus KMC24 cells in the recycled culture medium was 

determined by recording the OD of the medium at 750 nm daily. 

4.3 Results and Discussion 

4.3.1 Microalgal growth 

The growth curve of T. obliquus KMC24 in BG-11 medium was determined. From the 

growth pattern, it was observed that for the first 14 days, the microalgal growth was rapid 

before it attained the stationary phase. In this study, biomass productivity is demonstrated in 

terms of specific growth rate with 165 μg mL−1day−1. Zhu et al. (2013) obtained a biomass 

productivity of 0.296 μg mL−1day−1 indicating that the specific growth rate obtained in our 

study was relatively higher as compared to the other reported literature [338]. A maximum 

biomass concentration of 2.35 g L-1 was achieved, which was higher than 2.25 g L-1 as reported 

by Choi et al. (2014) for C. vulgaris in Jaworski's Medium [339]. It has been observed that the 

TH-2569_156151002



  Chapter 4 

105 | P a g e  

 

density of microalgal cells has a substantial part to play in its flocculation. For high-density 

microalgal cell cultures, a smaller portion of the cell surface area is exposed; thus, lower surface 

charge percentage needs to be neutralized. Whereas, low-density cell cultures require a high 

concentration of flocculant to neutralize the relatively bigger portion of the cell surface area, 

or else the cells are co-precipitated by phosphate present in the aqueous medium. Therefore, 

low density microalgal cultures should be pre-concentrated for achieving higher harvesting 

efficiency [55]. Thus, in the present study microalgal cultures were harvested on the 14th day 

when the culture density was maximum.  

4.3.2 Effect of bioflocculant concentration 

The flocculation efficiency of the bioflocculant on T. obliquus KMC24 from its culture 

medium was determined by using different concentrations (0 mg L-1 – 140 mg L-1) with an 

increment of 20 mg L-1 for different time intervals (5 min – 40 min) at pH 7 and room 

temperature 22°C. The harvesting efficiency increased with increasing bioflocculant 

concentration and contact time (Figure 4.1a). Flocculation efficiency reached a maximum of 

83 ± 1.45% when 120 mg L-1 of bioflocculant was used for 35 min (contact time). However, 

within the same contact time of 35 min, a minimum harvesting efficiency of 14.6 ± 1.3% was 

obtained in the control flask where no flocculant was added. On the other hand, as the 

concentration of bioflocculant was raised beyond 120 mg L-1, the harvesting efficiency 

decreased to 66.65 ± 1.4%. It is reported that when the bioflocculant concentration is increased 

beyond the optimal dose, the microalgal culture system tends to re-stabilize instead of 

improving the flocculation-sedimentation process [340]. Moreover, the addition of excess 

bioflocculant results in agglomeration and reduction of active binding sites on microalgal cell 

wall; thus, impairing the flocculation efficiency [334].  

The zeta potential value of the culture medium was measured to explain further the 

chemistry involved during bioflocculant based harvesting (Figure 4.1b). As the cell surface 

charge of T. obliquus KMC24 is found to be -16 mV, so a positively charged bioflocculant is 

required to neutralize the surface charges. The surface charge of eggshell was found to be 

positive for pH >11.4, neutral at pH =11.4 and negative for pH <11.4. The calcite surface 

complexes were responsible for the charge of the eggshell [341]. It has been reported that, 

bioflocculant extraction from eggshells using HCl acid as an extraction solvent results in the 

formation of CO2, H2O, and CaCl2 as given in Equation (12) 

𝐶𝑎𝐶𝑂3 + 2𝐻𝐶𝑙 → 𝐶𝑂2 + 𝐻2𝑂 + 𝐶𝑎𝐶𝑙2                               (4.11) 
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This divalent cation calcium and mono-valent anion chloride significantly influence the 

zeta potential of the culture suspension. Elakneswaran et al. (2009) stated that for ground 

granulated blast furnace slag suspension an increase in the concentration of calcium ions 

increased the zeta potential [342]. The increase in bioflocculant concentration from 20 mg L-1 

to 120 mg L-1 increased the zeta potential of the culture medium from -15.27 ± 0.49 mV to -

4.99 ± 0.577 mV. This increase in zeta potential can be related to the increase in harvesting 

efficiency with the increase in bioflocculant concentration. However, when the bioflocculant 

concentration was raised to 140 mg L-1 from 120 mg L-1, the zeta potential of the culture 

medium shifted from -4.99 ± 0.577 mV to +12.05 ± 0.99 mV. This sharp deviation from the 

isoelectric point with the increase in bioflocculant concentration to 140 mg L-1 may be the 

possible reason for the decrease in harvesting efficiency.  

 

 

 

Figure 4.1. (a) Harvesting efficiency of T. obliquus KMC24 at various bioflocculant 

concentrations; (b) Relationship between bioflocculant concentration and zeta potential. 

 

4.3.3 Effect of pH value 

Another potential parameter, which influences the flocculation mechanisms, the zeta 

potential of microalgal cells, functional groups as well as the degree of ionization of 

bioflocculants is the pH of the culture medium [343]. Thus, the flocculation efficiency of 

eggshell-derived bioflocculant was enhanced by optimizing the pH of the culture medium (2.0, 

4.0, 6.0, 8.0, 10.0) for different time intervals (5 min – 40 min) at room temperature 22°C and 

120 mg L-1 bioflocculant concentration. In acidic conditions, the flocculation efficiency was 

found to be significantly high (Figure 4.2a). The highest harvesting efficiency of 94.72 ± 1.7% 
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was observed at pH 4.0 within 30 min of contact time, possibly because of the strong 

electrostatic attraction between the cationic bioflocculant and anionic microalgal cells at this 

particular pH. However, any further increase or decrease in pH from the optimum value 

resulted in a decrease of flocculation efficiency. Ali Zulfikar et al. (2012) reported that at 

extreme pH conditions, calcium-rich bioflocculant might get partially dissolved in the aqueous 

solution releasing cationic and anionic ions [344]. These ions may further get adsorbed onto 

the bioflocculant surface, resulting in the formation of an electrical double layer causing same 

species interference.   

The flocculation efficiency of eggshell-derived bioflocculant at different pH values was 

further elucidated based on the zeta potential value of the culture medium (Figure 4.2b). At 

certain pH values, the colloidal particles in a solution become highly unstable and tend to 

coagulate. Moreover, it has been reported that as the pH of the medium drops, the H+ 

concentration increases, causing cationic and anionic charges to bind. This leads to the collision 

of microalgal cells at a much faster rate [55]. At pH 4.0, the solution was near to the isoelectric 

point, representing the least stable colloidal system. Moreover, at pH 4.0, the zeta potential 

increased to 1.04 ± 0.35 mV thus, increasing the harvesting efficiency to 94.72 ± 1.7%. This 

zeta value (1.04 ± 0.35 mV) shows the highly unstable environment in algal cell suspension, 

which in turn intensifies the Brownian motion. From the above results, it can be concluded that 

the pH of the culture medium plays a significant role in harvesting T. obliquus KMC24. 
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Figure 4.2. (a) Harvesting efficiency of T. obliquus KMC24 at various pH; (b) Relationship 

between pH and zeta potential. 

 

4.3.4 Effect of temperature 

Temperature plays an important role in the flocculation and settling phenomena [56]. 

Thus, the efficiency of the bioflocculant (120 mg L-1, pH 4) to flocculate microalgal biomass 

over various temperatures (25 °C, 35 °C, 45 °C, 55 °C) and contact times  (5 min – 40 min) 

was also investigated. With a contact time of 25 min, a maximum harvesting efficiency of 

99.54±1.15% was achieved at a temperature of 55 °C (Figure 4.3a). The differences in 

flocculation efficacies were seemingly negligible for all the other studied temperatures. The 

increase in flocculation efficiency with the increase in temperature is probably because of the 

fact that higher temperature induces floc formations [345]. The acquired experimental data also 

revealed that harvesting time is inversely proportional to the rise in temperature. At 55 °C, the 

microalgal cells were flocculated within 25 min. Moreover, increased temperature accelerates 

floc formation by aiding the bioflocculants to attain an adequate amount of kinetic energy.  

To understand temperature-influenced flocculation better, the zeta potential behavior 

of the culture medium under different temperature was evaluated (Figure 4.3b). The zeta 

potential of the culture medium was found to decrease from 1.04±0.01 mV to 0.065±0.01 mV 

as the temperature increased from 25 °C – 55 °C. When the zeta potential neared zero at 55 °C, 

the colloidal system was least stable, which resulted in floc formation. This is because at higher 

temperatures, the solubility of cationic Ca2+ ions from the calcite increases, which then binds 

with the anionic microalgal cells to neutralize the net surface charge [346]. 
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Figure 4.3. (a) Harvesting efficiency of T. obliquus KMC24 at various temperatures; (b) 

Relationship between temperature and zeta potential. 

 

4.3.5 Microscopic, FESEM-EDX and flame photometer analysis 

The microscopic and FESEM-EDX analysis of the microalgae recovered from control 

(without bioflocculant) and treated (with bioflocculant) medium were carried out to study the 

effect of bioflocculant on the morphology of T. obliquus KMC24 (Figure 4.4). Floc free 

scattered cells were observed in control, whereas, treated cells were closely associated with 

each other forming large dense flocs. The FESEM image of microalgal cells harvested under 

optimal conditions (120 mg L-1 bioflocculant concentration, pH 4, 35 °C temperature) did not 

have any structural deformation. However, microalgal cells flocculated at higher temperatures 

(˃ 35 °C) showed marked structural deformities. This is probably because the optimal 

temperature range for the growth of microalgal cells is 15 °C – 30 °C, beyond which the cells 

can tolerate a maximum temperature of up to 35 °C [347]. Therefore, based on the above facts, 

35 °C was considered as the optimum temperature for flocculating microalgal cells. Harvesting 

efficiency of 98.62±0.43% was obtained within 25 min at 35 °C. The treated microalgal cells 

were somewhat whitened after flocculation experiments due to calcium deposition on the 

harvested biomass. This was further confirmed by performing the EDX analysis (Table 4.1). 

Eggshell is mainly composed of calcium carbonate (94%), magnesium carbonate (1%), 

calcium phosphate (1%) and organic matter (4%) [348]. The concentration of calcium ions in 

the bioflocculant (120 mg L-1) was found to be 34.75±1.17 ppm. Thus, the high concentration 
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of cationic calcium ions might have facilitated the charge neutralization of negatively charged 

microalgae. The possible mechanism of bioflocculation process is shown in Figure 4.5. 

 

 

 

Figure 4.4. (a) Light microscopic image of Tetradesmus obliquus KMC 24 before adding 

bioflocculant (50X); (b) Light microscopic image of Tetradesmus obliquus KMC 24 after 

adding bioflocculant (50X); (c) FESEM image of Tetradesmus obliquus KMC 24 after 

harvesting at optimal conditions (120 mg L-1 bioflocculant concentration, pH 4, 35 °C 

temperature); (d) FESEM image of Tetradesmus obliquus KMC 24 harvested at >35 °C. 
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Table 4.1. Elemental composition of untreated (control) and treated (bioflocculant) T. obliquus 

KMC24 biomass. 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.5. The possible mechnaism of bioflocculation process (charge neutralization). 

 

4.3.6 Kinetic studies 

Kinetic studies were carried out to gain insight into the flocculation process. From 

Table 4.2, it can be seen that pseudo-second order kinetic model fitted the experimental data 

for flocculating T. obliquus KMC24 with different temperatures quite well. For all temperature 

ranges, the plot of t/q vs t was found to be significant with high correlation (R2˃0.99) in 

comparison to the  

pseudo-first order kinetic model (R2<0.98) and intra-particle diffusion model (R2<0.93) 

(Figure 4.6). Chemisorption is the rate limiting step in the flocculation process as per the 

Elements C O Al K Na Mg P Ca Fe 

Untreated 68.7 29.8 0.5 0.3 0.3 0.2 0.2 0.1 0.1 

Treated 45.8 36.8 0.5 0.2 0.2 0.2 0.1 16.4 0.0 

Adsorbate 

Adsorbent 
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pseudo-second order kinetic model [343]. An increase in the rate constant (𝑘2) value with 

increase of temperature was indicated in the experimental data. This phenomenon indicates 

that the higher the temperature is, the better is the adsorption of bioflocculants over the 

microalgal cells. Thus, from a perspective of kinetics, this process of bioflocculation resembles 

a physical adsorption process, where, a rise in temperature speeds up the adsorption of 

eggshell-derived bioflocculant over the microalgal cell surface [56,336]. 

 

Table 4.2. Kinetic rate constants of various biosorption models. 

 

 

 

 

 

Kinetic Models Temperature 

 25 °C 35 °C 45 °C 55 °C 

qe,exp (mg L-1) 18549 19325 19441 19493 

Pseudo-first order kinetics 

qe,cal (mg g-1) 32991 14820 6653 28970 

K1 (min-1) 0.17 0.29 0.16 0.40 

R2 0.87 0.97 0.89 0.92 

Pseudo-second order kinetics 

qe,cal (mg g-1) 20000 20000 20000 20000 

K2 (g mg-1 min-1) 0.000008 0.0000625 0.0000625 0.00008 

R2 0.98 0.99 0.99 0.99 

Intra-particle diffusion model 

Ci,cal (mg g-1) 6126 16051 16131 16303 

Kint (mg g-1 min-1/2) 2094.1 604.21 602.23 590.88 

R2 0.93 0.65 0.64 0.6 
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Figure 4.6. (a) First order rate constant at different temperatures; (b) Pseudo-

second constant at different temperatures; (c) Intra-particle diffusion at different 

temperatures. 
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4.3.7 Thermodynamic studies 

The influence of temperature on the adsorption of bioflocculant over the microalgal cell 

surface under various temperature ranges (298.15 K – 328.15 K) was evaluated. The values for 

thermodynamic functions such as entropy (∆𝑆°), enthalpy (∆𝐻°), Gibbs free energy (∆𝐺°) and 

activation energy (𝐸𝑎) are shown in Table 4.3. The negative value of ∆𝐺° decreased gradually 

(-12.85 KJ mol-1– -20.81 KJ mol-1) with increasing temperature (298.15 K–328.15 K), 

indicating the spontaneity of the process, i.e. the bioflocculant adsorption over T. obliquus 

KMC24 cell surface is highly favorable and spontaneous in nature [349]. The positive value of 

∆𝐻° reveals that, the interaction between the bioflocculant and microalgal cells is endothermic 

in nature and there might be a probability of physical adsorption [350]. During physical 

adsorption process, adsorption capacity of the microalgal cells is enhanced to some extent with 

an increase in temperature [56]. The positive value of ∆𝑆° indicates an increased disorder and 

randomness at the solid-solution interface during bioflocculant adsorption by the microalgal 

cells [349]. 

The rate of a chemical reaction can be determined from the activation energy of the 

system. The activation energy defines the minimum energy required for starting a chemical 

reaction. It has been reported that if the calculated activation energy is < 40 kJ mol-1 at room 

temperature 22 °C, the reaction rate is fast. While, the reaction rate is slower when the 

activation energy is ˃120 kJ mol-1 [337]. For the flocculation process, the Arrhenius activation 

energy was 57.11 kJ mol-1, which indicated a slower adsorption process. Nonetheless, the 

obtained activation value in the present investigation was far superior when compared with 

similar studies by Kothari et al. (2017), who obtained relatively higher activation energy of 

113.04 kJ mol−1 [56]. 
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Table 4.3. Thermodynamic functions of T. obliquus KMC24 adsorption by bioflocculant. 

 

 

4.3.8 Growth of T. obliquus KMC24 in the recycled medium 

Spent medium recycling and reuse in microalgal cultivation can help in reducing the 

nutrients cost and water footprint. Ideally, spent medium after flocculation can be recycled for 

further cultivation. However, in many cases, the residual metal salts released from the 

flocculants in the aqueous medium tends to modify the medium composition causing adverse 

effects on microalgal cells. Eggshell-derived bioflocculant is free of metal salts and has no 

adverse impact on the cell structure and function. Thus, the spent medium recovered after 

flocculation process was recycled after neutralizing the pH and adding nutrients. Compared to 

the fresh culture medium, T. obliquus KMC24 showed relatively higher growth when 

cultivated in a recycled medium (Figure 4.7). The CaCO3 present in the harvested medium 

might have acted as a carbon source for the growth of microalgae [351]. This relatively higher 

growth in the spent medium was observed even after three successive reuse cycles. In a similar 

study where alum was used as a flocculant, the recycled medium could not sustain microalgal 

growth, probably due to the toxicity of the residual alum [352]. Hence, the types of flocculants 

must be chosen wisely for successful reuse of the spent medium. 

 

 

Thermodynamic parameters 

Enthalpy, ∆𝐻° 66.15 KJ mol-1 K-1  

Entropy, ∆𝑆° 0.265 KJ mol-1 K-1  

Activation energy, 𝐸𝑎 57.11 kJ mol-1  

   

Gibbs free energy, ∆𝐺° Temperature (Kelvin) ∆𝐺°(KJ mol-1) 

 298.15 -12.85 

 308.15 -15.51 

 318.15 -18.16 

 328.15 -20.81 
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Figure 4.7. Growth of T. obliquus KMC24 in the recycled medium. 

 

4.3.9 Biomass, lipid content and FAME analysis 

Improved growth profiles in the recycled medium resulted in higher biomass (g L-1) 

and lipid yield (%) (Figure 4.8). The residual calcium and magnesium ions in the spent medium 

might have served as micronutrients which indirectly resulted in higher biomass concentration 

of T. obliquus KMC24 [353]. Finally, the effect of bioflocculant on the fatty acid composition 

of lipid derived from T. obliquus KMC24 was investigated. The FAME composition of T. 

obliquus KMC24 cells harvested from control and treated medium exhibited similar fatty acid 

composition (Table 4.4). The FAME derived from the untreated (control) and treated 

(bioflocculant) biomass contained 22.35% and 23.37% of saturated fatty acids, respectively. A 

major fraction of the FAME was composed of unsaturated fatty acids. 
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Figure 4.8. Biomass concentration and lipid content of T. obliquus KMC24 in recycled 

medium. 

 

Table 4.4. FAME composition of untreated (control) and treated (bioflocculant) T. obliquus 

KMC24 biomass. 

Samples Fatty acid (%) 

C16:0 C16:1 C18:1n9c C18:1n9t C18:3 C20:0 C22:0 C22:1 C24:0 

Untreated 13.69 5.45 36.31 33.44 2.29 1.86 6.63 0.16 0.17 

Treated 14.07 3.3 35.10 33.43 2.08 1.80 5.02 2.72 2.48 

 

4.3.10 Eggshell-derived bioflocculant - A better alternative 

As compared to the cultivation stages, the harvesting phase of microalgal biomass is 

more prone to contamination and involves high energy input. Hence, the sustainability of the 

harvesting process and the quality of the end product is greatly influenced by the harvesting 

method. Centrifugation process ensures a higher rate of recovery and cell viability but is not 

energy efficient for pilot scale systems. The cost of centrifugation is estimated to be about $ 

4.52 L-1 of oil [177]. Flotation process requires positively charged chemical coagulant to 

overcome the repulsion between negatively charged microalgal cells and air bubbles. The 

estimated cost and energy involved during the flotation process is about $ 0.022 - 0.045 kg−1 

and 0.16-0.44 kWh kg−1, respectively [26]. Further, the process is species-specific and less 

sustainable for low-density microalgal culture. Filtration based harvesting processes involve 

high operational costs and often result in membrane fouling. 
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Chemical  flocculants such as, a quaternary ammonium salt based cationic polymer and 

nano-Fe3O4 coated with polyethyleneimine was successful in harvesting 96.5% and 

98.45 ± 0.35% of Scenedesmus sp. in 15 min respectively [354,355]. However, conventional 

chemical flocculation is a chemical dependent process, which produces huge quantities of 

sludge. Moreover, chemical flocculants are toxic that interferes with the cell properties and 

does not permit the reusability of the harvested medium. The residual aluminium salts (e.g., 

AlCl3 and Al2(SO4)3) affects the fatty acids methyl esters (FAME) composition, whereas, ferric 

salts (e.g., FeCl3 and Fe2(SO4)3) alter the quality of pigments [352]. The cost and energy input 

of flocculation with aluminium salt is about 1.8 $ kg-1 and 14.81 kWh m-3 respectively [55]. 

Commercial polyelectrolyte flocculant such as Zetag 63 is a less toxic cationic flocculant, 

which is required in a dose of 10 mg L-1 to harvest 93% of Chlorella stimatophora [356]. In 

another study, Zou et al. (2018) harvested 83.77% of Scenedesmus obliquus using 30 mg L-1 

of chitosan [357]. However, these polyelectrolyte flocculants require $ 0.035 - 0.04 to harvest 

a kg of microalgal biomass [358]. 

To overcome these challenges, an increasing number of researchers have focused on 

bioflocculants due to their easy degradability with no secondary pollution. Polymeric 

bioflocculant isolated from Streptomyces sp. was able to harvest 99.18% of Nannochloropsis 

sp. in less than 10 min with 5000 mg L-1 of bioflocculant concentration [359]. A novel strain 

of Pseudomonas sp. was isolated which secretes a cellulase-free xylanase and simultaneously 

produce bioflocculants through directly converting untreated biomass [360]. However, these 

bioflocculation processes are unreliable, as the flocculation process is uncontrolled with high 

chances of microbial contamination. 

Food industries and home kitchens generate several tons of eggshell as a solid waste 

[361]. As the bioflocculant used in this study is derived from solid waste, it lowers the cost of 

bioflocculant. The minimal preparation steps in this process involve relatively very less energy 

input. Moreover, bioflocculation being a chemical free process does not interfere with the 

quality of the end product and also support the reusability of the harvested medium. Further, 

there was no loss of biomass during the adsorption process, as the flocculant was not separated 

from the harvested biomass. Thus, the present study revealed that the eggshell-derived 

bioflocculant is a promising approach for harvesting biomass in a pilot scale as compared to 

the conventional harvesting techniques. 
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4.4 Conclusion 

The present study supports valorization of waste eggshells to derive a flocculating agent 

for harvesting T. obliquus KMC24 and economically balances the microalgal biorefinery. 

Harvesting efficiency of 98.62±0.43% was achieved within 25 minutes under optimal 

conditions of 120 mg L-1 flocculant dose, pH 4.0 and a temperature of 35 °C. Zeta potential 

analysis confirmed charge neutralization as the flocculation mechanism. This process was 

spontaneous and endothermic in nature. The recycled medium did not impair the biomass 

concentration and lipid productivity. Therefore, this bioflocculant will reduce the shortcomings 

associated with downstream processing of biomass by cutting on the harvesting cost. 
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Chapter 5 

 

Development and Characterization of Low-cost 

and Eco-friendly Catalyst for Microalgal Lipid 

Transesterification to Biodiesel 
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5.1 Overview 

Biodiesel production from microalgal biomass generates a considerable amount of de-

oiled microalgal biomass as a waste product [362]. It has been estimated that approximately 

65% of the biomass remains as waste after lipid extraction [363]. These de-oiled microalgal 

biomass, which is a rich source of carbohydrate, protein, and mineral content can be valorized 

into value-added products in order to offset the biodiesel cost [364]. Therefore, in the present 

study, an integrated biorefinery concept was tried to establish by valorising de-oiled microalgal 

biomass as a solid acid catalyst for transesterification of microalgal oil. The de-oiled microalgal 

biomass-based (DMB) solid acid catalyst was developed through carbonization of the organic 

compounds followed by sulfonation. The effect of catalyst synthesis conditions such as 

pyrolysis temperature, sulfonation time, and H2SO4 concentration towards the surface acidity 

of the catalyst and free fatty acid (FFA) conversion was determined, and an optimized catalyst 

preparation condition was developed. The catalyst derived from de-oiled biomass was further 

characterized to evaluate its physicochemical properties. The DMB catalyst was used for the 

transesterification of microalgal oil (AO) and waste cooking oil (WCO). The influence of 

reaction parameters on the FAME yield was determined. Further, the catalyst reusability was 

investigated, and the possible mechanisms behind the reduction in catalytic activity with the 

number of reuses were explored. The impact of DMB catalyst on the FAME composition of 

AO and WCO was determined. 

 

5.2 Materials and Methods 

5.2.1 Materials 

The de-oiled microalgal biomass was obtained from the previously isolated oleaginous 

microalgae Tetradesmus obliquus KMC24 after lipid extraction. The WCO was collected from 

the hostel of IIT Guwahati, Assam, India. All the chemicals and reagents were procured from 

HiMedia® and Sigma-Aldrich, India. 

 

5.2.2 De-oiling of microalgal biomass 

The T. obliquus KMC24 biomass (10 g) was de-oiled by extracting the lipid through 

the soxhlet extraction method employing n-hexane (200 mL) as a solvent [365]. Lipid, hexane, 
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and de-oiled biomass were recovered at the end of extraction. The de-oiled biomass was made 

solvent free through oven drying for carbon catalyst preparation. 

5.2.3 Synthesis of DMB catalyst 

The DMB catalyst was synthesized via a two-step process where carbonization of de-

oiled microalgal biomass was followed by sulfonation of the carbonized biochar with sulphuric 

acid. In the first-step, 10g of de-oiled biomass was pyrolyzed in a tubular reactor at 400 °C-

700 °C at a heating rate of 4 °C min-1 under a stream of Argon (100 mL min-1) for 4 h to obtain 

biochar. The biochar yield was determined from the following equation: 

𝐵𝑖𝑜𝑐ℎ𝑎𝑟 𝑦𝑖𝑒𝑙𝑑 =
𝑚𝑎𝑠𝑠 𝑜𝑓 𝑏𝑖𝑜𝑐ℎ𝑎𝑟 𝑝𝑟𝑜𝑑𝑢𝑐𝑒𝑑

𝑚𝑎𝑠𝑠 𝑜𝑓 𝑏𝑖𝑜𝑚𝑎𝑠𝑠 𝑡𝑎𝑘𝑒𝑛
× 100%                                                                        (5.1) 

The biochar was ground to a fine powder using a mortar and pestle before sulfonation. 

2g of biochar was sulfonated using (5, 10, 15, 20 mL) concentrated sulphuric acid for a reaction 

time of 2, 4, 6, and 8 h in a 500 mL glass beaker. The variable’s ranges were selected based on 

the previously reported literature [366,367]. The reaction mixture was heated at 110 °C on a 

hot plate and was occasionally mixed with a glass rod. After the sulfonation process, the 

mixture was cooled and placed in deionized water. Later, the carbon catalyst was repetitively 

washed with hot deionized water until the washing solution was neutral in pH and free of sulfate 

ions. The synthesized solid acid catalyst was oven dried (110 °C) overnight and was stored in 

a vacuum desiccator for further study. 

 

5.2.4 Characterization 

The structural analysis of the catalyst was determined by X-ray diffraction (XRD) 

technique employing X-ray diffractometer (TTRAX III 18 kW; Rigaku Corporation, Japan) 

with Cu Kα radiation (λ = 1.5406 Å). Diffractograms were obtained in the 2θ range of 10° to 

90°. The morphology of the samples was determined by FESEM (Zeiss Sigma-300 Field 

Emission Scanning Electron Microscopy). Elemental components were determined by using 

energy dispersive spectroscopy (EDX) coupled with FESEM. The KBr pellet technique was 

employed to record the Fourier transform-infrared (FT-IR) spectra over a wavenumber range 

of 4000 to 400 cm-1 by a spectrometer (Perkin Elmer Spectrum 2 FTIR). Raman spectra were 

recorded with a LabRAM HR Raman microscope (laser: 514 nm). Elemental analysis (C, H, 

N, S) of biochar, catalyst, and reused catalyst was carried out in a CHNS analyzer (Flash EA 

1112 series, Thermo Finnigan, Italy). The BET (Brunauer-Emmett-Teller) surface area of the 
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samples was determined by N2 adsorption-desorption measurements at 77.3 K using a TriStar 

II 3020, Micromeritics instrument. The hydrophilic and hydrophobic properties of the catalyst 

were determined by a drop shape analyzer. The thermal stability of the samples was determined 

using TGA (STA7200, Hitachi, Japan) under N2 atmosphere. X-ray photoelectron 

spectroscopy (XPS) analysis on NEXSA; Thermo Scientific Instruments with a 

monochromatic Al Kα radiation was performed to analyze the chemical composition of the 

catalyst. The total acid density of the catalyst was determined by the titration method as 

reported in the literature [78]. The total acidity of the catalyst was also analyzed by temperature 

programmed desorption of ammonia (NH3-TPD, MicrotracBEL BELCAT II). At first, 

degassing of the catalyst was carried out under He flow at 300 °C for 1 h. The degassed catalyst 

was then cooled to 40 °C by He gas at a flow rate of 50 mL min-1. After cooling, a gas mixture 

of 10% NH3/He was allowed to pass through the sample cell for 2 h. Subsequently, desorption 

of the physisorbed NH3 was conducted from ambient temperature to 800 °C at the heating rate 

of 10 °C min-1 with a flow of He (30 mL min-1). The desorbed NH3 was detected using a TCD 

detector. 

5.2.5 Reaction study 

Catalyst synthesis conditions such as pyrolysis temperature, sulfonation time, and the 

amount of H2SO4 added during the sulfonation reaction were optimized by evaluating the 

percentage of FFA conversion during the esterification reaction. Esterification reaction of a 

known amount of oleic acid with methanol was conducted in a round-bottomed flask equipped 

with a refluxing condenser at 80 oC reaction temperature, methanol to oleic acid molar ratio of 

10:1, a reaction time of 6 h, and catalyst concentration of 5 wt. %. At the end of the 

esterification process, the catalyst was retrieved via centrifugation, and the unreacted methanol 

was evaporated. Finally, the liquid product was analyzed for acid value and FFA conversion 

using the previously reported equations [368]. The percentage FFA was calculated by 

multiplying the factor 0.503 with the acid value [369]. 

Further, the catalytic activity of the DMB catalyst prepared under optimized conditions 

was tested for transesterification of lipid derived from T. obliquus biomass (AO) and WCO. 

The reaction parameters such as methanol/oil molar ratio, catalyst concentration, reaction 

temperature and time were optimized based on FAME yield in a round-bottomed flask 

equipped with a refluxing condenser. The variable’s ranges of the reaction parameters were 

selected based on the previously reported literature [74]. At the end of the reaction, the product 

was shifted to an Eppendorf tube, where the catalyst was recovered through centrifugation. 
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Subsequently, hexane and warm distilled water were incorporated into the reaction mixture and 

vortexed. Finally, the mixture was centrifuged to separate the phases based on their density. 

The FAME was separated from the upper phase, and unreacted methanol was evaporated. The 

top layer consisting of hexane and FAME was collected. The hexane was vaporized, and the 

FAME yield (%) was determined using the following equation [74]: 

𝐹𝐴𝑀𝐸 𝑦𝑖𝑒𝑙𝑑 (%) =
𝐹𝐴𝑀𝐸 𝑂𝑏𝑡𝑎𝑖𝑛𝑒𝑑 (𝑔)

𝐼𝑛𝑖𝑡𝑖𝑎𝑙 𝑚𝑎𝑠𝑠 𝑜𝑓 𝑜𝑖𝑙 (𝑔)
× 100                                                                             (5.2) 

The catalytic efficiency of the DMB catalyst was compared with the conventional acid-

base catalyst. A two-step, acid-base (HCl-NaOH) transesterification reaction of AO and WCO 

was carried out under the optimized reaction conditions. 

5.2.6 Catalyst reusability study 

 The stability of the DMB catalyst was evaluated by reusing it for consecutive cycles at 

the optimized reaction conditions. The catalyst recovered through centrifugation at the end of 

the experiment was rinsed with methanol, dried at 80 °C for 6 h, and was reused for the next 

experiment. 

5.2.7 Analysis of FAME and biodiesel properties 

 The FAME composition and biodiesel properties were analysed using the protocol 

mentioned in the methodology section of chapter 3. 

 

5.3 Results and Discussion 

5.3.1 Optimization of catalyst synthesis conditions 

The catalyst synthesis conditions such as pyrolysis temperature, sulfonation time, and 

the amount of H2SO4 added were optimized based on the surface acidity of the catalyst and 

FFA conversion (Figure 5.1). The pyrolysis temperature was optimized at a constant 

sulfonation time of 4 h and 10 mL of H2SO4. As shown in Figure 5.1 (a), the surface acidity of 

the DMB catalyst increased (0.5–1.5 mmol g-1) on increasing the pyrolysis temperature from 

400 °C to 600 °C. This indicates that at lower pyrolysis temperature, the degree of 

carbonization might be low, thereby making the product unsuitable as support for solid acid 

catalyst. Whereas, high pyrolysis temperature might have resulted in a higher degree of 

carbonization along with the formation of randomly orientated small aromatic carbon sheets 

preferable for bonding sulfonic groups during sulfonation [368]. However, the surface acidity 

of the catalyst was found to reduce on increasing the pyrolysis temperature beyond 600 °C; 

probably extreme high temperature caused the opposite effect on the surface acidity [367]. 
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Similarly, an increase in pyrolysis temperature led to an increased FFA conversion, with a 

maximum (74.67%) conversion at 600 oC. The aromatic carbon structures formed during 

pyrolysis at high temperature (600 oC) might have provided large surfaces for the bonding of 

–SO3H groups as active sites for esterification reactions. An increase in pyrolysis temperature 

from 400 °C to 600 °C resulted in a minimal reduction of biochar yield (37.50% to 36.68%). 

However, the biochar yield decreased to 27.15% on increasing the pyrolysis temperature to 

700 °C. The reduction in biochar yield on increasing the pyrolysis temperature could be 

attributable to the thermal cracking of volatile components to lower molecular weight liquids 

and gases instead of biochar [84].     

The sulfonation time was optimized at a constant pyrolysis temperature of 600 °C and 

10 mL of H2SO4. The sulfonation process plays a crucial role during the synthesis of a carbon-

based acid catalyst, as the process grafts the sulfonic groups on the activated carbon (AC) 

surface, thereby providing a platform for the reactions to take place. Therefore, during the 

sulfonation process, the optimization of sulfonation time is necessary for sufficient grafting of 

sulfonic groups on the carbon surface. Figure 5.1 (b) shows that the surface acidity of DMB 

catalyst and FFA conversion (%) increased with the duration of sulfonation time. Maximum 

surface acidity of 1.62 mmol g -1 and FFA conversion (%) of 80.62 % was achieved with 6 h 

sulfonation time. However, no significant changes in surface acidity and FFA conversion were 

observed when the sulfonation time was increased beyond 6 h. This indicates that 6 h 

sulfonation time is enough for sufficient grafting of sulfonic groups on the randomly oriented 

carbon surfaces. Moreover, a longer sulfonation time (6 h) saturates the AC surface with 

sulfonic groups until an equilibrium state is attained. Thus, increasing the sulfonation time 

beyond 6 h could no longer impact the quantity of sulfonic groups grafting on the AC surface 

due to the steric hindrance effect [368]. 

The amount of H2SO4 added was optimized at a constant pyrolysis temperature of 600 

°C and sulfonation time of 6 h. The surface acidity of the DMB catalyst increased (1.22 mmol 

g-1–1.73 mmol g-1) with the increasing amount of H2SO4 (5 mL – 15 mL) (Figure 5.1c). This 

indicated that 15 mL of H2SO4 was necessary for the complete sulfonation reaction to occur. 

Significant changes in surface acidity were not observed when the amount of H2SO4 was 

increased beyond 15 mL. Similarly, an increase in H2SO4 concentration increased the FFA 

conversion with a maximum (83.61%) conversion when 15 mL H2SO4 was added. However, a 

slight reduction in FFA conversion was observed when the amount of H2SO4 was increased 
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beyond 15 mL. This may be attributed to the excessive amount of H2SO4 added that might have 

increased the acid concentration, thereby affecting the sulfonation process. 

 

 

 

 

 

 

 

 

 

Figure 5.1. Effect of (a) pyrolysis temperature, (b) sulfonation time, and (c) H2SO4 

concentration on surface acidity and FFA conversion. 

 

5.3.2 Characterization of DMB catalyst 

5.3.2.1 XRD analysis 

The XRD patterns of the biochar and catalyst exhibited similar, one broad C(002) and 

weak C(001) diffraction peaks in the range of 2θ = 20°–30° and 2θ = 35°–50°, respectively 

(Figure 5.2). The peaks indicated that both the biochar and DMB catalyst were amorphous and 

possessed randomly oriented aromatic carbon sheets. Moreover, these amorphous structures 

are reported to favor the anchoring of sulfonic groups [370]. The narrowness of the C(002) 

peak in the case of the DMB catalyst is attributable to the presence of graphitic carbon 

structures. Upon sulfonation of the biochar, the intensity of the C(002) peak was found to 
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decrease. The reduction in peak intensity was due to the bonding of -SO3H groups to the sp2 

carbon network [371]. 

 

 

 

 

 

 

 

 

 

 

Figure 5.2. XRD analysis of biochar and DMB catalyst. 

 

5.3.2.2 FTIR analysis   

The functional groups present in the biochar and DMB catalyst are represented in 

Figure 5.3. The FTIR peaks at 3430 cm-1 were assigned to O–H stretching modes, indicating 

the presence of  –COOH and phenolic –OH groups before and after sulfonation [370]. The 

vibration bands at 1600 cm-1 and 1376 cm-1 (C=C stretching mode) indicated the presence of 

polyaromatic compounds in both biochar and catalyst [372]. The peak intensity of C=C at 1376 

cm-1 was relatively higher in all the acid treated catalyst than that of biochar. A similar 

observation was reported for sulfonated silica–carbon composites as a catalyst by Valle-Vigón 

et al. (2012). The FT-IR spectra of the catalyst showed the characteristic peaks corresponding 

to stretching vibrations of –SO3H groups. The vibration bands at 1027 cm-1 and 1200 cm-1 

confirmed the presence of –SO3H groups in the catalyst [374]. The increase in relative intensity 

of bands at 1200 cm-1 indicated a greater presence of the sulfonic acid in the catalyst [375]. 
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The FTIR spectra of catalyst also showed a peak at 1722 cm-1 which is ascribed to C=O 

stretching modes of the –COOH group [74]. The intensity of stretch C=O at 1722 cm−1 was 

increased due to partial oxidation of the C–O into C=O on –COOH groups, indicating that the 

sulfonation process favors the formation of  –COOH groups on the catalyst surface due to the 

use of H2SO4, which is a strong oxidizing agent [376]. Thus, it was observed that after 

sulfonation, the peak intensities were increased. This indicated that new functionalities such as 

hydroxyl and aromatic structures formed due to carbonization of de-oiled microalgal biomass 

reacted with sulphuric acid, thereby forming –SO3H functionalities on the catalyst surface. 

 

 

 

 

 

 

 

 

Figure 5.3. FTIR spectra of biochar and DMB catalyst. 

 

5.3.2.3 FESEM analysis 

The morphology of the de-oiled microalgal biomass, biochar, and DMB catalyst was 

studied using FESEM analysis (Figure 5.4). The non-porous structure was observed in de-oiled 

biomass before pyrolysis. On the other hand, biochar obtained after carbonization exhibited 

irregular and rough surface morphology with a well-defined porous structure. Carbonization of 

de-oiled biomass might have generated pores on the carbon surface during the escape of volatile 

compounds due to thermal treatment. Moreover, grains of different sizes blocked the large 

holes of biochar. Porous surfaces are known to provide a higher surface area, which is essential 
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for attaching sulfonic groups. Porous surfaces of the biochar facilitate sulphuric acid to access 

into the bulk of the carbon composites during sulfonation. Thereby, enhancing the 

concentration of covalently bonded –SO3H groups on the AC surface. The hydrophilicity of 

the –SO3H groups enables hydrophilic methanol molecules to incorporate into the carbon bulk 

and react with the hydrophobic reactants (FFA and triglyceride), thereby enhancing the bio-oil 

yield. After sulfonation of the biochar, globular structures were detected on the surface of the 

DMB catalyst that indicated bonding of –SO3H groups. The particle size of the DMB catalyst 

was reduced following sulfonation due to the breakdown of organic compounds by the action 

of H2SO4 [84]. It indicated that the smaller particle size (i.e., large surface area) could improve 

intraparticle diffusion of the reactants, thereby contributing to higher catalytic activities. 

 

Figure 5.4. FESEM images of (a) de-oiled microalgal biomass, (b) biochar, and (c) DMB 

catalyst. 

 

5.3.2.4 TGA analysis 

The thermal stability of the DMB catalyst was determined through TGA analysis. 

Figure 5.5 represents the TGA curves of de-oiled microalgal biomass, biochar, and DMB 

catalyst. The decomposition process of de-oiled microalgal biomass can be partitioned into 

three phases for elucidation. In the first phase (30 °C to 200 °C) an initial mass loss of 8.5% 

occurred due to the release of moisture and volatile compounds through dehydration. The 

second phase (200 °C to 500 °C) involves the decomposition of organic compounds such as 

carbohydrates, proteins, and leftover lipids [377]. Therefore, in the second phase, a maximum 

weight loss of 64.5% was observed. During the third phase (500 °C to 700°C), the 

carbonaceous materials are gradually decomposed to biochar (27%). It was observed that the 

(a) (b) (c) 
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weight loss of the DMB catalyst was comparatively more than the biochar. At 700 °C, the 

weight loss percentages of biochar and DMB catalyst were determined to be 7.53% and 

15.91%, respectively. This indicated that sulfonation of biochar reduces its thermal stability. 

This is possibly due to the fact that sulfonation partially oxidizes the carbon surfaces and 

reduces the onset temperature for thermal decomposition.  

The differential thermogravimetric (DTG) curve of de-oiled microalgal biomass, 

revealed two extensive peaks between 200 °C and 500 °C. The major peak between 250 °C 

and 350 °C is attributable to the decomposition of proteins and carbohydrates [378]. The second 

peak below 450 °C signifies the decomposition of leftover lipid [379]. From DTG results of 

biochar and DMB catalyst, it was established that the small peak arisen at a temperature of 50 

°C is due to loss of moisture. In a similar study, yeast residue derived catalyst was thermally 

stable up to 150 °C. On increasing the temperature beyond 150 °C continuous weight loss was 

observed due to pyrolysis of organic groups, and the weight loss percentage of the catalyst was 

determined to be 94.7% at 640 °C [74]. In another study, de-oiled canola meal based catalyst 

was found to be thermally stable up to 250 °C [374]. Thus, the DMB catalyst prepared in the 

present study was comparatively thermally stable in comparison to previously reported 

literature. 
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Figure 5.5. TG weight loss profile of de-oiled microalgal biomass, biochar, and DMB 

catalyst. 

 

5.3.2.5 Raman analysis 

Raman spectrum of biochar exhibited two distinct peaks at about 1330 cm-1 and 1600 

cm-1 corresponding to the D (graphitic) and G (disorder) bands, respectively, which remained 

intact upon sulfonation in DMB catalyst (Figure 5.6). These peaks indicated the formation of 

graphene in the amorphous carbon [372]. The D/G band intensity ratio was about 0.83, which 

indicated that the average grapheme size in the amorphous carbon is ca. 1 nm. The Raman data 

also indicated that the minimum unit in both the samples is nano-graphene sheets comprising 

of around 10–20 six membered rings [370]. 
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Figure 5.6. Raman spectrum of biochar and DMB catalyst. 

 

5.3.2.6 XPS analysis 

Chemical composition of the DMB catalyst was determined through XPS analysis 

(Figure 5.7). The XPS spectra of DMB catalyst produced peaks at 169.96 eV, 285.46 eV, and 

533.03 eV corresponding to the S 2p, C 1s, and O 1s binding energy indicating that the catalyst 

is purely composed of –COOH and –SO3H groups [74]. The single S 2p peak produced at a 

binding energy of 169.96 eV confirmed that all the S atoms in the catalyst are attributed to –

SO3H groups. The XPS spectra also confirmed that the high acid density of the DMB catalyst 

is ascribed to the –COOH groups produced during the carbonization and sulfonation process. 
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Figure 5.7. XPS analysis of DMB catalyst (the inset is the S2p spectrum of the DMB 

catalyst). 

 

5.3.2.7 Surface acidity analysis by NH3-TPD 

The total acidity of the DMB catalyst was determined through NH3-TPD to analyze the 

acid catalyzed reactions (Figure 5.8). The amount of energy required for the desorption of NH3 

is designated by the relative position of the peak in the NH3-TPD profile, and it is proportionate 

to the acidic strength of the catalyst. The NH3-TPD profile of the DMB catalyst showed four 

well resolved peaks corresponding to weak, medium, strong and very strong acid sites at 130 

°C, 270 °C, 350 °C, and 700 °C, respectively [380]. The desorption peaks at 130 °C and 270 

°C is probably due to the interaction of –NH3 with partially formed carbon sheets, whereas the 

desorption peaks at 350 °C and 700 °C could be attributed to the interaction of –NH3 with 

sulfonic acid [380]. Thus, the strong acid sites in the sulfonated carbon-based catalyst 

correspond to the presence of the sulfonic group, and weak acid sites correspond to the presence 

of other –OH groups. The strong acid groups are known to react with weak acid groups such 

as carboxylic and phenolic groups, thereby imparting polarity to the catalyst [74]. These weak 

acid groups also enhance the weak acid sites and facilitate the adsorption of reactants on the 

catalyst surface. After deconvolution of the peaks, the density of weak, medium, strong, and 

very strong acid was determined as 0.257 mmol g-1, 0.378 mmol g-1, 0.459 mmol g-1, and 2.155 

mmol g-1, respectively. Thus, the total acid density of the DMB catalyst was calculated as 3.249 
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mmol g-1.  Therefore, the presence of both weak and strong acid sites ensured that the DMB 

catalyst is chemically and thermally stable. 

 

 

 

 

 

 

 

Figure 5.8. NH3-TPD plot of the DMB catalyst. 

 

5.3.2.8 BET analysis 

The BET surface area, pore volume, and average pore size of the biochar and DMB 

catalyst are depicted in Table 5.1. The biochar exhibited a large BET surface area of 83.85 

m2 g−1, which was comparatively higher than the previously reported literature, where the 

surface area was less than 10 m2 g−1 [374]. Biochar with a large surface area is favorable for 

grafting more –SO3H groups on the carbon matrix [368]. Small pore volume might correspond 

to pores with larger pore size. Cylindrical pore with an average pore size ≥ 2 nm is accessible 

by large molecular size reactants (FFA and triglyceride) without distortion. Thus, the catalytic 

efficiency of a catalyst is governed by its average pore size. The average pore size of the biochar 

and DMB catalyst was determined to be 2.42 nm and 2.63 nm, respectively, indicating that the 

reactants can easily pass through these pores. However, after sulfonation, the BET surface area 

of the DMB catalyst was significantly reduced to 68.13 m2 g−1 as the –SO3H groups might have 

occupied the surface area. Moreover, the pore volume of the DMB catalyst was found to be 

comparatively smaller than the biochar as the –SO3H groups grafted on the catalyst surface 

might have partially filled the pores. Thus, these results further confirmed the successful 
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anchoring of –SO3H groups on the AC surface as active sites. Moreover, the BET surface area 

of the DMB catalyst was higher than the previously reported carbon-based catalysts [84,372]. 

 

Table 5.1. BET analysis of biochar and DMB catalyst. 

Sample BET Surface Area 

(m2 g-1) 

Pore Volume 

(cm3 g-1) 

Average Pore Size 

(nm) 

Biochar 83.85 0.05 2.42 

DMB catalyst 68.13 0.04 2.63 

 

5.3.2.9 Hydrophobicity and hydrophilicity analysis 

The water contact angle of the biochar was found to be 127°, indicating the hydrophobic 

nature of the biochar (Figure 5.9). The hydrophobic nature of the biochar can be attributed to 

the alkyl functional groups on its surface. High pyrolysis temperature produces biochar with 

lower aliphatic compounds, whereas low pyrolysis temperature results in biochar production 

with higher aliphatic compounds that improve its hydrophobicity. Hydrophobic carbon acts as 

potential support for sulfonated carbon catalysts as it prevents the −OH and –SO3H groups 

from being hydrated by the water generated during the esterification process. Hydrophobic 

support also repels the glycerol produced during the transesterification reactions from the 

active sites of the catalyst, making them solely available for the reactants [381]. Thus, 

hydrophobic carbon support maintains the stability and enhances the catalyst reusability. The 

water contact angle of the DMB catalyst was found to be 0°, indicating the hydrophilicity of 

the catalyst. The hydrophilic nature of the catalyst can be attributed to the hydrophilic 

functional groups (–SO3H, –COOH, and –OH) attached to its surface. Hydrophilic functional 

groups also promote the catalytic activity, probably due to the strong affinity between the 

neutral –OH groups attached to the carbon matrix and the hydrophilic reactants, as well as by 

allowing the hydrophilic methanol molecules to access the acidic sites of the catalyst and react 

with the reactants (FFAs and triglycerides) [381]. Thus, it was observed that catalyst bearing 

both hydrophilic and hydrophobic groups aided the absorption of hydrophilic methanol and 

hydrophobic FFAs onto the active sites of the catalyst. 
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     Figure 5.9. Contact angle of water droplet on the surface of (a) biochar and (b) DMB 

catalyst. 

 

5.3.3 Optimization of FAME yield 

FAME yield through transesterification reaction is influenced by numerous factors. 

Acid catalysts are recommended for better conversion of oil to esters at a relatively faster 

reaction rate when the moisture and FFA content of the oil is greater than 1% and 3%, 

respectively. The moisture and FFA content for AO was 1.52% and 38.5%, respectively, and 

for WCO was 1.32% and 16.94%, respectively, thereby suggesting the use of an acid catalyst. 

The acid values of AO and WCO were 76.54 mgKOH g−1 and 33.68 mgKOH g−1, respectively. 

Thus, in our study, a heterogeneous DMB acid catalyst was simultaneously employed for the 

esterification and transesterification reaction of high FFA containing AO and WCO. 

The optimal methanol/oil molar ratio favors the conversion of oil towards FAME. The 

methanol/oil molar ratio (8:1–13:1) was optimized at a constant reaction temperature of 60 °C, 

the reaction time of 6 h, and catalyst concentration of 3 wt.%. As illustrated in Figure 5.10 (a), 

the FAME yield for AO gradually increased from 68.23% to 81.67% on increasing the 

methanol/AO molar ratio from 8:1 to 11:1. However, increasing the methanol/AO molar ratio 

beyond 11:1, resulted in a reduction of FAME yield. A similar result was observed for WCO, 

where FAME yield was reduced on further increasing the methanol/WCO molar ratio beyond 

its optimal value (11:1). Thus, although a high methanol/oil molar ratio has a positive impact 

on FAME yield, excess methanol concentration dilutes the reaction system and floods the 

127° 

(a) 

0° 

(b) 
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active surface area of the catalyst. Moreover, excess methanol lowers the interaction between 

the triglyceride and catalyst, thereby hindering the fatty acid conversion to esters [382]. Hence, 

methanol/oil molar ratio of 11:1 was considered as the optimal value for further reactions. 

A catalyst accelerates reaction by lowering the activation energy required for a reaction 

to occur. So, a higher catalyst concentration is expected to favor the reaction towards product 

formation. The catalyst concentration (1wt.%-6 wt.%) was optimized at a constant methanol/oil 

molar ratio of 11:1, reaction temperature of 60 °C, and reaction time of 6 h. The FAME yield 

for AO was 54.04% when 1 wt.% of the catalyst was employed, which gradually increased to 

85.65% with the increase in catalyst concentration to 4 wt.% (Figure 5.10b). However, as the 

catalyst concentration was increased beyond 4 wt.%, the FAME yield decreased. Similarly, for 

WCO a maximum FAME yield of 86.03% was obtained when 3 wt.% of the catalyst was used, 

and it decreased on further increasing the catalyst concentration beyond its optimal value (3 

wt.%). It has been reported that excessive catalyst aggravates mass transfer resistance by 

hindering the interaction between immiscible reactants (triglyceride and methanol), thereby 

resulting in phase separation [74]. This could be the possible reason for the decrease in FAME 

yield. 

High reaction temperature enhances the reaction rate by reducing the viscosity of the 

reaction system and activating the substrate molecules. The reaction temperature (40 °C – 90 

°C) was optimized at a constant methanol/oil molar ratio of 11:1, catalyst concentration of (4 

wt.% for AO and 3 wt.% for WCO), and reaction time of 6 h (Figure 5.10c). A maximum 

FAME yield of 89.65% was achieved on increasing the temperature from 40 °C to 70 °C. 

However, a reduction in the FAME yield was observed on increasing the temperature beyond 

70 °C. Similarly, for WCO, a maximum FAME yield of 91.03% was achieved at 60 °C reaction 

temperature, which decreased subsequently with the increase in temperature. During 

simultaneous esterification and transesterification reactions, the equilibrium is shifted towards 

product formation due to high reaction temperature. However, the accumulation of excess 

water as a product of the esterification reaction might reverse the reaction or even deactivate 

the catalyst [372]. Therefore, reaction temperatures of 70 °C for AO and 60 °C for WCO were 

considered optimum for subsequent experiments. 

The reaction time (2, 4, 6, 8, 10, 12 h) was optimized at a constant methanol/oil molar 

ratio of 11:1, catalyst concentration of (4 wt.% for AO and 3 wt.% for WCO), and reaction 

temperature of (70 °C for AO and 60 °C for WCO) (Figure 5.10d). A maximum FAME yield 
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of 94.23% for AO and 96.25% for WCO was obtained after 8 h and 6 h of reactions, 

respectively. However, the FAME yield was significantly reduced as the reaction time was 

increased beyond the optimal value. Prolonged reaction time might have tend to reverse the 

reaction and deactivate the acidic hydroxyl groups. The excessive water accumulated during 

the esterification reaction deactivates the acidic hydroxyl groups by hydrating them, thereby 

reducing the FAME yield. 

In this study, DMB catalyst gave a maximum FAME yield of 94.23% and 96.25% for 

AO and WCO, respectively, under optimized reaction conditions. A two-step, acid-base 

transesterification reaction of AO and WCO under the same optimized reaction conditions gave 

a FAME yield of 96.64% and 97.4%, respectively. Jain et al. (2011) obtained methyl ester yield 

of 90.6% during transesterification of WCO using conventional acid-base catalyst. In another 

study, a two-step acid–base catalysed transesterification of lipid extracted from Chlorella 

thermophile gave a FAME yield of 83.61% [335]. Thus, the catalytic activity of the DMB 

catalyst was comparable with the conventional acid-base catalyst. 
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Figure 5.10. Effects of (a) methanol to oil molar ratio, (b) catalyst concentration, (c) reaction 

temperature, and (d) reaction time on the FAME yield (%) of AO and WCO. 

 

5.3.4 Reusability study 

The catalytic efficiency of a catalyst depends on its stability and reusability. Therefore, 

the stability of the DMB catalyst was estimated by reusing the catalyst for consecutive cycles 

at the optimized reaction conditions. As shown in Figure 5.11, for both AO and WCO, FAME 

yield >90% was obtained after four successive reuse cycles. However, the FAME yield 

decreased to 80.73% and 84.79% for AO and WCO, respectively, at the end of the fifth cycle. 

The stability of the DMB catalyst until the fourth cycle can be attributed to; (1) the hydrophobic 

nature of the carbon sheets that prevented –OH groups from being hydrated; (2) the hydrophilic 

–SO3H groups attached to the carbon sheets that improved the interaction between the 

reactants; and (3) the high surface acidity of the catalyst [382]. A gradual decline in the catalytic 

activity of the DMB catalyst after the fourth cycle was possibly due to the leaching of –SO3H 
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groups from carbon sheets during the transesterification process. It has been reported that 

extensive methanol washing during the catalyst recovery process results in the leaching of the 

–SO3H groups as methanol reacts with the bonded –SO3H groups to form methyl sulphonate 

[384,385]. To further confirm the mechanisms behind the reduction in the catalytic activity, 

CHNS and FESEM-EDX analysis were carried out. As compared to the fresh catalyst, a 

significant reduction in the sulphur content was observed in the catalyst after the fourth cycle, 

which confirmed the leaching of –SO3H groups (Table 5.2). 

 

 

 

 

 

 

 

 

 

Figure 5.11. Stability study of DMB catalyst. 
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Table 5.2. Elemental composition of DMB catalyst and fourth used DMB catalyst. 

CHNS elemental analysis 

(Atomic %) 

DMB catalyst Fourth used DMB catalyst 

C 64.46 67.44 

H 2.04 1.43 

N 7.57 7.29 

S 10.76 5.93 

EDX elemental analysis (Atomic %) 

C 62.6 75.4 

O 19.8 11.8 

N 7.8 8.1 

S 9.8 4.7 

 

5.3.5 FAME composition analysis 

The FAME profile of AO obtained after DMB catalyzed transesterification reaction 

was mostly composed of palmitic acid (40.96%), arachidic acid (22.39%), tetracosanoic acid 

(12.09%), palmitoleic acid (8.17%), oleic acid (7.28%), elaidic acid (5.48%), erucic acid 

(2.12%), behenic acid (1.62%), linolenic acid (1.51%) (Table 5.3). In comparison to the 

control, an increase in SFA content and a decrease in UFA content was observed in AO using 

DMB catalyst. Moreover, no significant changes in fatty acid composition were observed when 

the DMB catalyst was reused. 
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Table 5.3. FAME composition of AO using DMB catalyst and its comparison with 

conventional acid-base catalyst. 

Fatty acid 

(%) 

Acid-

base 

catalyst 

(control) 

DMB 

catalyst 

DMB catalyst recycle 

1 2 3 4 

C16:0 13.69 40.96  40.61 40.08 40.55 40.78 

C16:1 5.45 6.55 6.72 6.49 7.02 

 

7.06 

 

C18:1n9c 36.31 7.28 7.10 

 

7.66  

 

7.6 

 

7.31 

 

C18:1n9t 33.44 5.48 5.15 5.38 5.31 5.45 

 

C18:3 2.29 1.51 1.12 1.44 

 

1.03 

 

1.29 

 

C20:0 1.86 22.39 23.59 

 

23.1 

 

22.69 

 

22.31 

 

C22:0 6.63 1.62 1.58 1.60 1.55 1.57 

C22:1 0.16 2.12 2.08 

 

2.17 

 

2.16 2.16 

C24:0 0.17 12.09 12.05 

 

12. 08 

 

12.09 12.07 

 

The fatty acid composition of WCO is illustrated in Table 5.4. It was observed that the major 

fraction of the FAME is composed of UFA as compared to SFA. The FAME profile of WCO 

obtained after DMB catalyzed transesterification reaction was mainly composed of oleic acid 

˃ erucic acid ˃ linoleic acid ˃ tetracosanoic acid ˃ arachidic acid ˃ behenic acid ˃ linolenic 

acid. In comparison to conventional acid-base catalyzed transesterification reaction, an 

increase in SFA and MUFA content and a decrease in PUFA content was observed in WCO 

using DMB catalyst. The high MUFA content improves fuel storage stability, thereby 

enhancing the biodiesel quality [74]. Recycling of DMB catalyst did not have any significant 

impact on the fatty acid composition of WCO.  
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Table 5.4. FAME composition of WCO using DMB catalyst and its comparison with 

conventional acid-base catalyst. 

 

5.3.6 Biodiesel properties 

The biodiesel properties of AO and WCO were determined based on their fatty acid 

compositions (Table 5.5 and 5.6). High content of SFA results in high cetane number [38]. The 

cetane number of biodiesel produced from AO and WCO using DMB catalyst was determined 

to be 57.46 and 61.53, respectively, indicating lower ignition delay time and better combustion 

quality. The lower degree of unsaturation and iodine value suggested better oxidative stability 

of the biodiesel derived from AO and WCO. The kinematic viscosity for both the AO and 

WCO derived biodiesel was within the permissible limit of ASTM D6751, indicating good 

biofuel flow properties and high penetration ability. The estimated CFPP was comparatively 

lower than the standard fuel parameters, thereby suggesting excellent low temperature 

performance of biodiesel. Thus, it was observed that all the biodiesel properties estimated were 

in agreement with the standard fuel parameters classified by EU 14214 and ASTM D6751, 

indicating its potential applications in internal combustion engines. However, the density and 

higher heating value of the biodiesel were slightly higher than the permissible limit. Moreover, 

no significant difference in biodiesel properties was observed when the DMB catalyst was 

recycled four times. 

 

Fatty acid (%) Acid-base 

catalyst 

(control) 

DMB 

catalyst 

DMB catalyst recycle 

1 2 3 4 

C18:1 32.85 42.74 47.39 

 

45.21 

 

47.27 

 

46.22 

 

C18:2 46.21 12.65 17.38 

 

12.25 

 

13.75 

 

12.01 

 

C18:3 0.2 0.26 0.44 

 

0.93 

 

0.43 

 

0.49 

 

C20:0 5.21 7.00 7.12 

 

7.07 

 

7.07 

 

7.16 

 

C22:0 6.67 5.06 5.05 

 

5.36 

 

5.3 

 

5.35 

 

C22:1 3.46 23.52 15.49 

 

20.98 

 

17.98 

 

20.54 

 

C24:0 5.4 8.77 7.13 

 

8.20 

 

8.2 

 

8.23 
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Table 5.5. Biodiesel properties estimated from FAMEs profile obtained from AO catalyzed by 

DMB catalyst. 

 

 

 

 

 

 

 

 

 

 

Quality parameters of 

biodiesel 

Standard fuel 

parameters 

Acid-

base 

catalyst 

(control) 

DMB 

catalyst 

DMB catalyst recycle 

EU 14214/ 

ASTM D6751 

1 2 3 4 

Kinematic viscosity 

(mm2s-1) 

1.9-6.0 3.86 4.23 4.13 4.22 4.19 4.22 

Density (g cm-3) 0.86–0.90 0.93 0.93 0.93 0.93 0.93 0.93 

Saponification value (mg 

KOH) 

≤ 370 196.30 166.64 172.63 168.62 169.74 168.76 

Cetane number ≥47 57.46 61.53 58.81 60.82 60.39 61.01 

Degree of unsaturation 

(% wt) 

- 79.94 66.78 63.76 68.05 66.11 67.74 

Cold filter plugging 

properties (°C) 

≤ 5/ ≤ −20 -11.80 -16.47 -16.47 -16.47 -16.47 -16.47 

Higher heating value (MJ 

Kg-1) 

40 40.20 40.42 40.42 40.42 40.42 40.42 

Iodine value (g I2 100 g-1) 120 (max) 73.96 77.88 84.90 79.32 80.30 78.35 
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Table 5.6. Biodiesel quality parameters obtained from FAME profile of WCO using DMB  

catalyst. 

 

 

5.3.7 Comparative study of DMB catalyst with other bio-based solid acid catalyst 

The catalytic activity of the DMB catalyst for FAME yield was compared with other 

reported bio-based solid acid catalysts (Table 7). Xiang et al. (2016) reported a FAME yield of 

95.57% from WCO by using modified coal fly ash catalyst in the presence of ultrasound 

assisting system [386]. The methanol to WCO molar ratio, catalyst concentration, reaction 

temperature, and time were 10.71:1, 4.97 wt.%, 70 °C, and 1.41 min, respectively. Although 

the transesterification reaction was accomplished within 1.41 min, and a FAME yield of ˃90% 

Quality parameters 

of biodiesel 

Standard 

fuel 

parameters 

Acid-base 

catalyst 

(control) 

DMB 

catalyst 

DMB catalyst recycle 

EU 14214/ 

ASTM 

D6751 

1 2 3 4 

Kinematic viscosity 

(mm2s-1) 

1.9-6.0 4.21 4.17 4.18 4.18 4.18 4.17 

Density (g cm-3) 0.86–0.90 0.93 0.93 0.93 0.93 0.93 0.93 

Saponification value 

(mg KOH) 

≤ 370 188.13 189.50 189.22 189.21 189.44 189.56 

Cetane number ≥47 69.38 69.55 69.90 69.59 69.72 69.57 

Degree of 

unsaturation (% wt) 

- 29.87 26.07 24.87 26.18 25.70 26.13 

Cold filter plugging 

properties (°C) 

≤ 5/ ≤ −20 -3.42 -2.48 -2.60 -2.78 -2.62 -2.54 

Higher heating value 

(MJ Kg-1) 

40 40.08 40.08 40.08 40.08 40.08 40.08 

Iodine value (g I2 

100 g-1) 

120 (max) 26.35 24.66 23.28 24.70 23.96 24.56 
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was obtained at the end of the eighth cycle, the extra cost of ultrasound treatment and the 

chemicals employed for modifying the catalyst makes the process economically unsustainable. 

Moreover, a relatively higher FAME yield (96.25%) was obtained in our study without any 

treatment. Kumar et al. (2020) obtained a FAME yield of ∼84% by using 

immobilized P. cepacia lipase as a biocatalyst [387]. As compared to the DMB catalyst 

reported in this study, the relatively higher catalyst concentration, reaction time, along with the 

expensive jacketed packed bed bioreactor, might increase the overall production cost of 

biodiesel. Similarly, Arumugamurthy et al. (2019) performed sonochemical esterification of 

palm fatty acid distillate (PFAD) and obtained a FAME yield of 87.8% at 8 wt.% of catalyst, 

21:1 methanol to PFAD molar ratio, 65 °C reaction temperature, and 3 h of reaction time [388]. 

The catalyst loading was high, and the FAME yield was relatively low as compared to the 

DMB catalyst. In another study, Vargas et al. (2019) obtained a FAME yield of 96% using 

biomass fly ashes catalyst at 10 wt.% catalyst concentration, 9:1 methanol to oil molar ratio, 

60 °C reaction temperature, and 3 h of reaction time [389]. The catalyst concentration was 

relatively high in this study, and no catalyst reusability study was reported. Recently, Ngadi et 

al. (2016) employed cockle shell waste to develop a catalyst for the transesterification of palm 

oil [390]. The FAME yield (78.05%) obtained using cockle shell waste catalyst was relatively 

lower than our study; moreover, no catalyst stability study was reported. 

Maniam et al. (2013) carried out ultrasound-aided transesterification of decanter cake 

using mill boiler ash catalyst [391]. The maximum FAME conversion (85.9%) obtained at 

optimized conditions was relatively lower than our study. Moreover, ultrasound-aided 

transesterification might increase the overall production cost. Rao et al. (2011) synthesized 

catalyst from de-oiled canola meal (DOCM) using the partial carbonization and sulfonation 

method [374]. A maximum FFA conversion of 93.8% was obtained under optimized reaction 

conditions. However, the DOCM catalyst's stability was relatively poor; the FFA conversion 

was reduced to 40.5% at the end of the fourth cycle due to leaching of the sulfonate groups. 

Pathak et al. (2018) obtained a maximum FAME yield of 98.95% using a green catalyst 

synthesized from banana peel ash [392]. Although a relatively high FAME yield was obtained 

by using banana peel ash catalyst, the stability of the catalyst was comparatively poor. The 

FAME yield was reduced to 52.16 % after the fourth cycle due to the significant reduction in 

the potassium and calcium concentration in the reused catalyst. 
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Table 5.7. Catalytic activity and stability comparison of DMB catalyst with other reported catalyst. 

Catalyst Feedstock Methanol/oil 

molar ratio 

Catalyst 

concentration 

(wt.%) 

Reaction 

temperature 

(°C) 

Reaction 

time (h) 

FAME 

yield 

(%) 

Catalyst 

reusability (FAME 

yield) 

Ref. 

Modified coal fly ash Waste cooking oil 10.71:1 4.97 70 1.41 min 95.57 ˃90% obtained at 

8th cycle 

[386] 

Immobilized P. cepacia li

pase 

Mixture of Karanja 

oil and Castor oil 

5.93:1 (2-

propanol to oil 

molar ratio) 

9.46 49.7 24.32 ∼84  ∼70% obtained at 

10th cycle 

[387] 

Brewer’s spent yeast Palm fatty acid 

distillate 

21:1 8 65 3 87.8 ˃80% obtained at 

4th cycle 

[388] 

Biomass fly ashes Mixture of palm oil 

and waste cooking 

oil 

9:1 10 60 3 96 Not reported [389] 

Cockle shell waste Palm oil 9:1 10 50 1 78.05 Not reported [390] 

Mill boiler ash Decanter cake 6:1 2.3 55 1 85.90 Not reported [391] 

Cocoa pod husk ash Soybean oil 6:1 1 60  2 91.40 Not reported [393] 

De-oiled canola meal Oleic acid and 

canola oil 

60:1 7.5 65 24 93.8 40.5% obtained at 

4th 

[374] 

Banana peel ash Soybean oil  6:1 0.7 Room 

temperature 

4  98.95 52.16 % obtained 

at 4th run 

[392] 

DMB Microalgal oil 11:1 4 70  8  94.23 91.67% obtained 

at 4th run 

Present 

study 

DMB Waste cooking oil 11:1 3 60  6 96.25 92.03% obtained 

at 4th run 

Present 

study 
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5.4 Conclusion 

De-oiled microalgal biomass was successfully valorized to a carbon-based solid 

acid catalyst for microalgae-based biodiesel production in an integrated biorefinery 

concept. The catalyst exhibited higher catalytic activity with a maximum FAME yield of 

94.23% and 96.25% for AO and WCO, respectively. High catalyst activity (FAME yield 

>90%) was maintained until the fourth cycle. Moreover, most of the biodiesel properties 

obtained from the FAME profile of AO and WCO using DMB catalyst complied with the 

international fuel standards. Thus, the high catalytic efficiency of the DMB catalyst for 

the transesterification reaction process signifies its potential for sustainable biodiesel 

production. 
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Chapter 6 

 

Overall Conclusion and Future Scope 
 

6.1      Conclusions 

The primary goal defined for the present study was to develop a sustainable way 

to produce biodiesel from microalgae. As a maiden step, potential microalgal strains were 

isolated based on biomass concentration and lipid yield. Among the six isolated strains, 

Tetradesmus obliquus KMC24 was considered the potential strain with maximum 

biomass (2.35 ± 0.02 g L-1) and lipid yield (29.51 ± 0.26%). Further, T. obliquus KMC24 

was exposed to nutrient stress (nitrogen and/or phosphorus) for a short period via two-

stage cultivation to enhance the lipid content of the biomass without compromising the 

biomass concentration. Nitrogen starvation (-N) and combined nitrogen and phosphorous 

starvation (-N-P) changed the morphology of T. obliquus KMC24 from unicell to 2 and 

4 celled coenobium with multiple spines at terminal cells. Compared to various nutrient 

starved conditions, the photosynthetic apparatus was comparatively less affected during 

phosphorus starvation. The highest lipid content of 39.93 ± 0.64% was obtained in –N2 

cultures, which was around 1.35 folds higher than the control. This indicated that nitrogen 

starvation triggered the production of intracellular lipid. The NL content in –N2 cultures 

was almost similar to –N4 cultures with significantly higher (P < 0.0001) DCW, 

suggesting that two days of nitrogen starvation is a better approach for obtaining high 

biomass and NL content in T. obliquus KMC24. The highest ROS fluorescence intensity 

(17051.49 ± 93.15 a.u.) and MDA content (3.81 ± 0.02 µM g-1 fresh weight) were 

observed in -N2 cultures, which indicated that a linear correlation exists between ROS 

level and MDA content. Moreover, Pearson's correlation analysis revealed a positive 

linear correlation between ROS and lipid accumulation under all nutrient starved 

conditions. The activities of CAT, APX, and polyphenols were consistent with lipid 

content suggesting a strong connection between oxidative stress and lipid accumulation.
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Nitrogen starvation for four days increased the degree of saturation of the total 

fatty acid pool by almost fourfold. Due to high SFA content in nitrogen starved cultures, 

biodiesel with higher CN, superior oxidative stability, and improved shelf life were 

obtained. Thus, it was observed that T. obliquus KMC24 cells under two days of nitrogen 

starvation possess a high potential for biodiesel production. 

In the next part of the study, waste eggshell derived bioflocculant was successfully 

applied for harvesting T. obliquus KMC24. Harvesting efficiency of 98.62 ± 0.43% was 

achieved within 25 minutes under optimal conditions of 120 mg L-1 flocculant dose, pH 

4.0, and a temperature of 35 °C. The bioflocculant consisting of a high concentration of 

cationic calcium ions significantly influenced the zeta potential of the culture suspension. 

Zeta potential analysis confirmed charge neutralization as the flocculation mechanism. 

FESEM analysis showed no structural deformations when the cells were harvested under 

optimal conditions. Pseudo-second order kinetic model was a suitable fit for the data 

obtained from the experiments, which indicated chemisorption as the probable 

mechanism. The thermodynamic parameters revealed that the sorption process was 

spontaneous and endothermic in nature. The spent medium was successfully recycled and 

reused to cultivate T. obliquus KMC24, thereby reducing the water footprint. 

In the final phase of the current resarch, a sustainable catalyst using de-oiled 

microalgal biomass as carbon support was developed. The carbon-based solid acid 

catalyst was synthesized at an optimum pyrolysis temperature of 600 °C, sulfonation time 

of 6 h, and H2SO4 concentration of 15 mL. The amorphous DMB catalyst was 

predominantly composed of carboxylic, phenolic, and sulfonic acid groups. TGA and 

NH3-TPD analysis confirmed that the DMB catalyst was thermally and chemically stable. 

Hydrophobic carbon acted as potential support for sulfonated carbon catalysts. A high 

FAME yield with improved fatty acid composition was obtained. Moreover, FAME yield 

>90% was obtained after four successive reuse cycles. Hydrophobic carbon support 

suppressed the leaching of −OH and –SO3H groups. Thus, the high catalytic efficiency of 

the DMB catalyst for the transesterification reaction process signified its potential for 

sustainable biodiesel production. 

Therefore, the present study was able to accumulate a considerable amount of 

lipid in T. obliquus KMC24 under nitrogen starved conditions making it a promising 
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candidate for biodiesel production. A waste-to-wealth approach was successfully 

implemented by valorizing waste eggshell-derived bioflocculant. This low-cost and 

energy efficient harvesting technology was developed to attain net sustainability. 

Recyclability of the spent medium will certainly help to lower the water footprint of  

microalgal biodiesel production system. Moreover, the conversion of microalgal lipid to 

biodiesel and de-oiled microalgal biomass to catalyst will help to maximize the economic 

value of microalgae within a biorefinery concept, leading to a circular bioeconomy for 

biodiesel production from microalgae. 

 

6.2      Future scope 

The current research tried to address the various challenges faced during the 

upstream and downstream processes of biodiesel production from microalgae. However, 

the above study was limited to a lab-scale. Therefore, the research can be extended in the 

following mentioned areas to augment the work further. 

 

 Optimization of nitrogen starvation for enhanced growth and lipid accumulation in T. 

obliquus KMC24 at the pilot-scale plant. 

 Genetic engineering of T. obliquus KMC24 for enhanced biomass and lipid 

production. 

 Process optimization and application of waste eggshell-derived bioflocculant for 

harvesting microalgae at the pilot-scale plant. 

 Process optimization and application of DMB catalyst for transesterification at the 

pilot-scale plant. 

 Leaching of active components is still an issue for the reported DMB catalyst, which 

needs further attention to reduce or eliminate them. It would help in enhancing the 

stability of the catalysts further. 

 Techno-economic evaluation and life cycle analysis of the overall process need to be 

carried out to determine the sustainability of the system. 
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